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Abstract—In muscle, excitation−contraction coupling is defined as the process linking depolarization of the surface membrane with Ca2+ release from cytoplasmic stores, which activates contraction of striated muscle. This process is primarily controlled by interplay between two Ca2+ channels—the voltage-gated L-type Ca2+ channel (dihydropyridine receptor, DHPR)
localized in the t-tubule membrane and the Ca2+-release channel (ryanodine receptor, RyR) of the sarcoplasmic reticulum
membrane. The structures of both channels have been extensively studied by several groups using electron cryomicroscopy
and single particle reconstruction techniques. The structures of RyR, determined at resolutions of 22-30 Å, reveal a characteristic mushroom shape with a bulky cytoplasmic region and the membrane-spanning stem. While the cytoplasmic region
exhibits a complex structure comprising a multitude of distinctive domains with numerous intervening cavities, at this resolution no definitive statement can be made about the location of the actual pore within the transmembrane region.
Conformational changes associated with functional transitions of the Ca2+ release channel from closed to open states have
been characterized. Further experiments determined localization of binding sites for various channel ligands. The structural
studies of the DHPR are less developed. Although four 3D maps of the DHPR were reported recently at 24-30 Å resolution
from studies of frozen-hydrated and negatively stained receptors, there are some discrepancies between reported structures
with respect to the overall appearance and dimensions of the channel structure. Future structural studies at higher resolution
are needed to refine the structures of both channels and to substantiate a proposed molecular model for their interaction.
Key words: excitation–contraction coupling, ryanodine receptor, voltage-gated L-type Ca2+ channel, electron cryomicroscopy, single particle reconstruction

It has long been appreciated that muscle contraction
is regulated by the intracellular Ca2+ level maintained via
interaction between two membrane systems, the muscle
fiber surface membrane and the sarcoplasmic reticulum
(SR) membrane separating the internal Ca2+ stores of the
SR from the cytosol. Excitation–contraction (E–C) coupling is the process that links electrical stimulation of
muscle to the release of Ca2+ from the SR into the cytoplasm. It takes place at specialized junctions between
invaginations of the muscle cell plasma membrane (transverse tubules, t-tubules) and SR membrane. Although
E–C coupling proceeds by different mechanisms in different types of muscles, two main elements of the coupling process are present in each of them. These elements
are the voltage-gated L-type Ca2+ channel (dihydropyridine receptor, DHPR) localized in the t-tubule membrane and the Ca2+-release channel (ryanodine receptor,
RyR) of the junctional membrane of the SR. Both Ca2+
channels are highly essential for E–C coupling, and

defects in these two key proteins or modulation of their
activity produce human neuromuscular diseases such as
malignant hyperthermia, central core disease, and
hypokalemic periodic paralysis.
In both cardiac and skeletal muscles, DHPRs tightly
control activation of the Ca2+ release channels by providing efficient coupling of depolarization of the plasma
membrane with the rapid Ca2+ release from the SR. The
DHPR is a voltage sensor that undergoes conformational
changes in response to depolarization of the plasmalemma [1], and as one of the results of these changes, a slow
L-type Ca2+ current is activated, which in turn mediates
entry of extracellular Ca2+ through the DHPR. In cardiac
muscle, entry of Ca2+ through DHPRs activates ryanodine receptors 2, RyR2s (cardiac isoform of RyR), causing them to release Ca2+ from the SR (Ca2+-induced Ca2+
release mechanism) [2]. In skeletal muscle, however,
entry of Ca2+ through the DHPR is not required for E–C
coupling [3]. Instead, voltage-dependent conformational
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changes in DHPR produce a signal, which has been
hypothesized to allosterically activate ryanodine receptors 1, RyR1s (skeletal muscle isoform of RyR). This signal is thought to be transmitted through a physical, possibly direct link between DHPR and RyR1 (“mechanicallink” mechanism) [4]. Ca2+-induced Ca2+ release was
proposed to be supplementary to the direct molecular
coupling in skeletal muscle [5].
Although it has been established that protein–protein interactions are highly essential in E–C coupling, the
precise molecular mechanism underlying this signaling
pathway in muscle cells is largely unclear. Knowledge of
the 3D architecture of the channel complex is basic to
understanding the channel function. Large size and
dynamic properties of these two Ca2+ channels render
their structural determination by standard structural
techniques like X-ray crystallography or NMR spectroscopy impossible, while electron microscopy is able to
tackle both large macromolecular assemblies as well as
molecules in different functional states. Our current
knowledge about structure–functional relationships
within DHPR and RyR is derived primarily from structural studies carried out using electron microscopy of isolated detergent-solubilized channel complexes (single
particles). Image analysis of single particles embedded in
vitreous ice as observed in the electron microscope is a
powerful method for structural studies of large biological
molecules, such as ion channels, which are difficult to
crystallize. The ice-embedding technique has been
proven to preserve protein structure in its native fully
hydrated conformation [6, 7].
In this review, I will focus on structures of the two
Ca2+ channels, RyR and DHPR, which were determined
by electron microscopy and single particle reconstruction
techniques, and discuss some applications of this
approach to the study of conformational changes in the
macromolecular complex.

ARCHITECTURE OF RYANODINE RECEPTOR
Ryanodine receptors are a family of largest integral
membrane Ca2+ channels that mediate the gated release
of Ca2+ from intracellular Ca2+ stores into the cytosol. In
mammals, three different RyR isoforms are identified and
characterized, each encoded by distinct genes located on
different chromosomes. The three isoforms share ~70%
sequence homology. RyR1 and RyR2 isoforms are the
predominant Ca2+ release channels in cardiac and skeletal muscles, respectively [8-11]. RyR3 is primarily
expressed in diaphragm, smooth muscle, and brain [1214]. The functional Ca2+ release channel is a homotetramer composed of four RyR subunits, each ~560 kD,
which constitute a single ion channel pore [15].
Extensive efforts have been made by several groups to
study the three-dimensional structure (3D) of RyR by
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using electron microscopy of both single particles and
two-dimensional crystals [16-20]. So far, only one group
has reported ordered arrays of the RyR1, which enabled
the construction of a two-dimensional projection map at
25 Å resolution [20]. Nevertheless, electron cryomicroscopy of single particles has been used at 22-30 Å resolution to define the 3D molecular architecture of the
channel complex and to delineate the structural domains
associated with molecular functions [16-19]. Thus, two
groups have analyzed 3D structure of RyR by electron
cryomicroscopy and single particle reconstruction using
two different approaches: the random conical reconstruction [16] and the angular reconstitution methods [18, 21].
In the random conical method, the specimen is tilted in
the microscope in order to obtain many views of the
channel complex in different orientations, whose relative
angles are defined by settings of the goniometer in the
microscope. The other approach exploits random orientations of ice-embedded molecules imaged in the electron microscope without tilting the specimen holder. In
this approach, the relative orientations of particles are
computationally determined by searching their common
line projections. The 3D reconstructions of RyR1 generated in these studies are quite similar. Additionally, a
remarkable similarity is observed between the 3D reconstructions of RyR1 and the two other channel isoforms,
RyR2 and RyR3 [22, 23]. The RyR channel structure
exhibits a four-fold symmetry and has a characteristic
mushroom shape, which comprises two square-shaped
regions interconnected by four column densities (Fig. 1,
see color insert). A large square-shaped region with overall dimensions of 270 × 270 × 120 Å represents a bulky
cytoplasmic region exposed to the gap between the SR
membrane and the t-tubule membrane. The cytoplasmic
(CY) assembly is strikingly empty with numerous distinctive structural domains and intervening cavities that
appear suitable for interaction with channel-specific ligands known to bind within the N-terminal cytoplasmic
region of RyR (Fig. 2, see color insert). The clampshaped regions, located at the corners of the CY assembly
are most likely the regions inter-digitating with neighboring molecules of RyR1 as seen in situ [24] or with modulatory auxiliary proteins [25, 26]. The clamp-shaped
regions are interconnected by “handle” domains and
form a continuous network with the central rim and the
column domains of the CY region via several bridging
densities. The small square-shaped structure with dimensions of 120 × 120 × 60 Å is rotated by ~40° with respect
to the CY assembly and represents the region which spans
the SR membrane. The proposed assignment of two
major morphological regions within the 3D reconstruction of RyR is quite consistent with the topological
arrangement that is predicted based on hydropathy analysis of the channel protein sequence. Hydropathy profiles
of RyRs suggest that transmembrane domains lie within
one-fifth of the C-terminal of the protein molecule while
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the remaining RyR sequences form cytoplasmic domains
[8, 9]. Predictions for the number of transmembrane
helices range from four [8] to twelve [9] segments, and
recently an eight transmembrane sequence model has
been derived [27]. The estimation of the volume of the
putative transmembrane region from the 30 Å map of
RyR1 suggests that this region could easily accommodate
a bundle of ten nearly parallel α-helices per subunit [16,
18]. It is unlikely that this issue can be fully clarified until
higher resolution 3D structure of RyR1 is available and
α-helices can be clearly resolved.
It is well established that during E–C coupling the
Ca2+ release channel exists in several functional states,
which can be characterized by specific channel gating
parameters. The functional channel transitions are regulated by a wide variety of endogenous molecules and
pharmacological agents [28-30]. One of the greatest
advantages of electron cryomicroscopy of ice-embedded
single particles is its direct visualization of conformational changes, since the macromolecular complex can be
trapped in the solution under conditions similar to those
for electrophysiological or biochemical characterization.
While analyzing conformation transitions of a biological
macromolecule, one should keep in mind that the population of the molecules in one functional state has to be
large enough for the detection as well as to be stable
enough to be frozen for electron microscope analysis.
Thus, the structure of RyR has been analyzed under conditions that drive the channel population predominantly
to its “open” (conducting) and “closed” (non-conducting) states (Fig. 1) [19, 31, 32]. Although the limiting resolution of these reconstructions was 25-30 Å, global conformational changes were detected in both the cytoplasmic region and the putative membrane-spanning portion.
The clamp-domains at the four corners of the cytoplasmic region appear in a more open conformation in the
presence of Ca2+/ryanodine or Ca2+/ATP, which are
reported to induce open states of the channel. In addition, a central cavity and mass movements are detected in
the transmembrane region, whereas there was no apparent hole in the closed-state channel obtained by depletion
of Ca2+ with EGTA and in the absence of either ryanodine or ATP. Moreover, in the ryanodine-modified open
channel the transmembrane domain is twisted by ~4° with
respect to its position in the closed state. Based on these
observations a mechanism for the opening of the channel
was proposed to be similar to the opening–closing of the
iris in a camera diaphragm [31]. Thus, structural studies
of RyR in different functional states suggest that channel
activation is associated with significant mass rearrangements in the channel complex, implying a highly
allosteric regulation of channel gating (Fig. 2). A number
of other studies also support a model of long-range rather
than local conformational changes in the quaternary
architecture of the Ca2+ release channel. These include
fluorescent studies by Ikemoto et al. [33]. The majority of

RyR mutations, which are associated with malignant
hyperthermia and with central core diseases and effect the
channel gating, have been mapped to two regions (amino
acid residues 35-614 and 2163-2458) within the N-terminal putative cytoplasmic portion of the channel protein
[34]. Topological analysis also suggests that the N-terminal portion of RyR contains most of the ligand binding
sites. In addition, binding sites for regulatory proteins
such as CaM and FKBP12 were mapped within the cytoplasmic assembly of the 3D channel structure using electron cryomicroscopy [25].

ARCHITECTURE OF VOLTAGE-GATED
L-TYPE Ca2+ CHANNEL
L-Type (or slow) Ca2+ channels, also frequently designated as dihydropyridine receptors (DHPRs) because
of their high affinity to dihydropyridine drugs, are heterooligomeric membrane protein complexes with a total
mass ~430 kD. The DHPRs are localized in the t-tubule
membrane and mediate Ca2+ influx in response to membrane depolarization. In skeletal muscle, the DHPR primarily functions as the voltage sensor. The skeletal
DHPR is composed of five subunits arranged in a 1 : 1 :
1 : 1 : 1 stoichiometry: the pore-forming α1-subunit (190212 kD) is associated with auxiliary α2 (140 kD), δ
(25 kD), β (53 kD), and γ (33 kD) subunits [35-38]. Each
subunit is encoded by a separate gene, with the exception
of the δ subunit, arising as a result of proteolysis from the
C-terminus of the α2/δ primary polypeptide. The α2 and
δ subunits form a transmembrane disulfide-linked glycoprotein dimer [39]. A topological model of the voltagedependent L-type Ca2+-channel has been predicted based
on the primary sequence and the hydrophobicity profiles
[40]. The α1 subunit is organized into four transmembrane domain repeats, each of which contains the canonical voltage-dependent ion channel organization—six
putative transmembrane segments (S1-S6). The S5 and
S6 helices together with the S5-S6 inter-linking loop
from each of repeated domains is believed to form the
Ca2+ channel pore. The S4 segment of each repeat contains an ordered pattern of five to six positively charged
amino acids, suggesting its essential role in the channel
gating as the voltage sensor. Although the α1 subunit is
shown to carry the characteristic pharmacological and
functional properties of the Ca2+-channel for voltage
sensing, ion permeability, and drug binding, complete
receptor function (including targeting and modulation)
requires the presence of all the subunits [3, 41-43].
Despite extensive current research into the biochemical, structural, pharmacological, and electrophysiological properties of the L-type Ca2+ channels, little experimental data is available concerning the quaternary
arrangement of the channel complex. The structural
studies of DHPR are hampered by difficulties in isolaBIOCHEMISTRY (Moscow) Vol. 69 No. 11 2004
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tion, purification, and expression of the channel protein
complex. A number of groups have been pursuing structural studies of the DHPR by various types of electron
microscopy [44-48]. Electron microscopy of the freezedried, rotary shadowed DHPR revealed ovoid particles
with dimensions of 160 × 220 Å [44]. The 2D image
analysis of negatively stained images of the L-type Ca2+
channel showed an asymmetric structure of a rod-like
domain decorated with a small protrusion on one end,
which was suggested to be formed by α2/δ [45]. Four 3D
maps of the DHPR were reported recently based on single-particle reconstruction from specimens prepared by
ice embedding [46, 48] and negative staining [47, 49].
Our group has reported the first 30 Å resolution 3D structure of the skeletal muscle L-type Ca2+ channel determined from frozen-hydrated protein [46]. The asymmetrical channel structure measures about 130 × 115 × 120 Å
and consists of two major regions: a heart-shaped region
connected at its widest end with a handle-shaped region
(Fig. 3, see color insert). Our 3D structure of DHPR corresponds more closely with the structure reported by Wolf
et al. [48] when compared at similar resolution and contour levels. However, there is a poor agreement between
these two studies with respect to assignment of extracellular and transmembrane regions within 3D maps. Due to
low resolution in both structures, the molecular boundaries of individual subunits were not determined and electron densities were assigned primarily based on molecular
mass and proposed topological arrangement of the channel subunits in the t-tubule membrane. Thus, in our
model the heart-shaped region accounts for the main
pore-forming α1 subunit associated with the γ- and βsubunits, and the handle-shaped region comprises the
α2/δ complex. Therefore, the heart-shaped region spans
the membrane and its narrow part is exposed to the cytoplasm, while the major protein density comprising the
handle-shaped region and the upper lobes of the heartshaped structure is located on the extracellular side. This
topology is quite consistent with the model proposed by
Murata and coworkers based on antibody labeling [45]. In
contrast, the DHPR model reported by Wolf et al. [48]
suggests that the major protein densities comprising the
α1, γ, δ, and β subunits are embedded within the membrane, placing the extracellular α2 subunit within the
smaller decorating region (“leg” region). However, we
argue that the β-subunit is a hydrophilic, peripheral protein located in the cytoplasm as was well established by
many functional, biochemical, and structural studies [5053]. Moreover, recently reported crystal structures of the
conserved core region of the β-subunit alone as well as in
complex with the AID domain (α1-interaction domain)
[54-56] give us insights into the molecular mechanism of
the α1–β interaction, conferring high affinity binding
between the intracellular domain of α1 subunit and the β
subunit functional core, which is most likely located
intracellularly. Notably, although the transmembrane
BIOCHEMISTRY (Moscow) Vol. 69 No. 11 2004
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region of the α1 subunit is predicted to be comprised of
four homologous domains and, therefore, to be oriented
in a pseudo-fourfold symmetric fashion in the membrane, no symmetry was revealed in the reported 3D
structures of DHPR, probably, due to the presence of
auxiliary subunits within the L-type Ca2+ channel complex.
Another 27 Å resolution map of the DHPR was
reported based on negative-stain electron microscopy and
single-particle reconstruction [47]. This 3D map is strikingly different from structures determined from frozenhydrated channel protein [46, 48]. It exhibits a ring shape
with a diameter of ~230 Å and is ~80 Å thick. The central
cavity formed by the main body of protein has a diameter
of ~70 Å. Two finger-like protrusions of protein density
extend over the surface of the central cavity on both sides
of the ring-shaped structure. It was estimated that the volume of 3D reconstruction of DHPR at the chosen threshold level could accommodate the mass corresponding to a
DHPR dimer. Thus, it was suggested that studied particles presumably correspond to a dimeric form of DHPR.
A similar structure for the cardiac voltage-gated L-type
Ca2+ channel in its dimer form has also been recently
reported by the same group [49]. It seems unlikely that
discrepancies between reported 3D structures of DHPR
would arise from image processing since the reconstruction of the DHPR dimer was initially performed using the
random conical tilt approach and was recently refined
with the EMAN software suite [57]. The formation of
channel dimers may represent consequences of different
detergents used in these studies for solubilization of the
channel complex. Wang and coworkers used
CHAPS/asolecithin [47], while both structural studies of
frozen-hydrated protein utilized digitonin in their channel purification procedures [46, 48]. Clearly more experimentation is required to determine the cause of these
discrepancies as well as to establish functional and physiological relevance of the DHPR dimer. Further structural analysis at higher resolution combined with specific
antibody-labeling technique is expected in the nearest
feature.

SPATIAL ARRANGEMENT OF DHPRs AND RyRs
IN MEMBRANE JUNCTIONS
The groundwork for understanding ultrastructural
and spatial organization of both the DHPRs and RyRs
was laid with studies by Franzini-Armstrong and coworkers using freeze-fracture methods [24, 58-60]. These elegant studies have demonstrated that the physiological difference in the E–C coupling mechanism between skeletal
and cardiac muscles is reflected in the striking ultrastructural difference in the relative arrangement of DHPR and
RyR within junctional domains. Electron microscopy of
thin sections through the junctional regions between the
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plasma membrane and the SR membrane showed that
RyRs and DHPRs are facing each other but are organized
into different geometries in two muscle types. The RyRs,
which appear as rectangular dense structures (“junctional feet”) in freeze-fracture replicas, form a two-rowed
regular array on the junctional membrane of the SR in
both skeletal and cardiac muscles. Freeze-fracture of ttubules reveals rectangular dense particles that were identified as DHPRs. In skeletal muscle, DHPRs are clustered into groups of four DHPRs (tetrads) overlaying
every other RyR1 [24]. In cardiac muscle, the DHPRs are
not organized in regular arrays of tetrads. These observations provide the direct structural evidence supporting the
mechanical nature of the Ca2+ release triggering mechanism of skeletal muscle E–C coupling. Other current evidence in favor of physical coupling includes co-immunoprecipitation of solubilized voltage-gated Ca2+ channel
and RyR1 [61], as well as identification of sequences of
the DHPR α1 subunit (the II-III loop, the III-IV loop,
and the C-terminal) and the RyR1 (residues 1076-1112)
that are involved in interactions [62-66]. Nevertheless,
attempts to show direct binding between the two channels
have failed [67, 68].
It is noteworthy that the interaction between the
voltage-gated L-type Ca2+ channel and RyR1 is bidirectional: not only does L-type Ca2+ channel activate RyR1
(“orthograde” signaling from DHPR to RyR1), but RyR1
also strongly effects L-type Ca2+ gating by transmitting a
signal that enhances L-type Ca2+ current (“retrograde”
signaling from RyR1 to DHPR) [69, 70]. The precise
mechanism for the retrograde signaling in skeletal muscle
is still not clear. Recent observation that RyR1 also effects
expression of DHPR, its activation kinetics, modulation
by DHP agonists, and divalent conductance suggests that
RyR1 is an allosteric modulator of the L-type Ca2+ channel, which influences the activity of the DHPR by the
same mechanism as the “orthograde” signaling, i.e., a
direct RyR1–DHPR physical interaction [70].
Nevertheless, other mechanisms have yet to be excluded.
Thus, specific regions within both the DHPR and
RyR proteins have been reported to mediate DHPR–
RyR1 coupling and should be located in close opposition.
Putting together observations from freeze-fracture studies
and the molecular shapes of DHPR and Ca2+ release
channel determined by electron cryomicroscopy, we put
forward a model of their interactions as shown in Fig. 4
(see color insert) [46]. The handedness of the RyR array
was inferred from a recent study by electron tomography
of the frozen-hydrated triad junction isolated from skeletal muscle [71]. The site of inter-oligomeric contact within the RyR array corresponds to the clamp-shaped
domain in single-particle 3D reconstruction of RyR (Fig.
2) [31]. These regions in the RyR structure undergo significant conformational changes upon opening of the
Ca2+ release channel [19, 31]. Also, divergent regions 2
(residues 1342-1403 of RyR1) and 3 (residues 1872-1923

of RyR1) which were implicated to mediate interaction of
RyR with DHPR, were localized to the clamp-shaped
region [72, 73]. Given the location of FKBP12 and CaM
binding sites within the 3D structure of RyR [25], it
should be pointed out that both binding sites are most
likely not involved in the interaction between two adjacent RyRs.
Obviously, in order to substantiate this model, it is
necessary to perform further experiments to prove the sidedness of the observed structure of DHPR in the membrane and to correlate the linear sequences of RyR to the
3D structure.

OUTLOOK
In conclusion, while crystal structure determination
of both Ca2+ channel complexes has been in high demand
for a long time, no high-resolution structures are yet available. To date, low resolution structures of DHPR and RyR
generated using electron microscopy and single particle
reconstruction techniques have been providing the basis
for interpreting structure–function relations for these
proteins. Although our understanding of the molecular
mechanism of E–C coupling is expanding rapidly, many
essential questions on DHPR–RyR coupling cannot be
currently solved due to the absence of information about
the arrangement of the primary sequences of DHPR and
RyR in three-dimensions. Through improvements in
cryospecimen preparation and image processing algorithms in the EMAN software suite, we have now achieved
a substantial improvement to 14 Å resolution in the 3D
structure of RyR1 [74]. Encouragingly, recent studies
from several groups have demonstrated that 6-10 Å resolution which is sufficient to detect secondary structure is
possible to achieve using electron cryomicroscopy and
single-particle approach for isolated macromolecular
complexes [75-77]. Although the resolution reached by
the single particle approach is still far from quasi-atomic
resolution, many important biological questions can be
clarified at this level. Moreover, for solving some biological questions, such as physiological conformations of
molecules or the interaction between molecules, crystallization of molecules may not be desired. In addition,
direct determination of the tertiary and quaternary structures of the entire macromolecular complex provides a
three-dimensional framework for assembling the crystal
structures of individual channel subunits or their subdomains once they become available. Another way to
increase the information attainable from structural studies
by single particle approach is to combine these studies
with bioinformatics [21]. As we continue to make progress
in this exciting field of electron cryomicroscopy and single
particle reconstruction, we can enjoy the great challenges
of elucidation of the structural organization of membrane
proteins and their structure–function mechanisms.
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Fig. 1 (for Serysheva). 3D reconstructions of the ice-embedded RyR1 in two functional states: closed, obtained by depletion of Ca2+ with
EGTA [31], and open in the presence of 100 µM Ca2+ and 100 nM ryanodine [19]. Structures are shown in the same orientation—tilted
views from the SR lumen toward the cytoplasm with the cytoplasmic side facing upward. Note the differences in the clamp-shaped
domains (marked with asterisk) and the presence and absence of the channel opening in the transmembrane regions (marked with arrow).
The volume of shown surfaces corresponds to a protein mass of ~2400 kD assuming protein density of 1.35 g/cm3. The scale bar represents
100 Å.
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Fig. 2 (for Serysheva). Significance map of differences between two 3D reconstructions of RyR1 in closed and open states is imaged onto
the surface representation of the 3D map of the closed channel. Regions of significant differences (confidence level greater than 99.9 %)
are shown in red. The channel structure is shown in (a) top view (view from the cytoplasm), (b) side view, and (c) bottom view (view from
the SR lumen). The clamp-shaped domains are indicated with dashed circles. The scale bar represents 100 Å.
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Fig. 3 (for Serysheva). 30 Å resolution 3D structure of DHPR obtained by electron cryomicroscopy and single particle reconstruction [46].
The structure is shown in four different views: (a) top view; (b) front view obtained by 90° rotation along the horizontal axis of the top view
in (a); (c) and (d) are views obtained by stepwise rotation of the view in (b) along the vertical axis by 90°. The handle-shaped structure and
the upper lobes of the heart-shaped region were proposed to account for the extracellular channel region and to include the α2 subunit.
Thus, the heart-shaped region includes the voltage-sensitive transmembrane region of the L-type Ca2+ channel and the cytoplasmically
located β subunit. The scale bar represents 100 Å.
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Fig. 4 (for Serysheva). Model of physical coupling between RyR1 and DHPR in skeletal muscle based on freeze-fracture studies and using
3D reconstructions of two Ca2+ channels, generated by electron cryomicroscopy and single particle reconstruction. a) Two arrays of RyRs
are overlaid by arrays of DHPRs grouped into tetrads. b) Side view of RyR1 coupled with the tetrad indicated with the dashed line in (a).
Horizontal lines indicate the approximate position of the surface and SR membranes. The scale bar represents 100 Å.
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