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Abstract—Numerous biochemical studies are aimed at elucidating the sources and mechanisms of formation of reactive oxygen species (ROS) because they are involved in cellular, organ-, and tissue-specific physiology. Mitochondria along with
other cellular organelles of eukaryotes contribute significantly to ROS formation and utilization. This review is a critical
account of the mitochondrial ROS production and methods for their registration. The physiological and pathophysiological significance of the mitochondrially produced ROS are discussed.
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In the resting state, an adult man consumes about
10 mmol of oxygen per minute and expires an almost
equivalent amount of carbon dioxide [1]. These numbers
are increased up to 10-fold during moderate physical
exercise such as walking on grass at the rate of about 10
km/h. Simple calculations demonstrate an intensity of
oxidative metabolism: if oxidation of glucose to carbon
dioxide and water is tightly coupled with oxidative phosphorylation, and oxygen is reduced exclusively by the
mitochondrial cytochrome oxidase, resting state respiration results in daily turnover (breakdown and resynthesis)
of about 40 kg of ATP! More than 90% of the oxygen consumed by mammals is reduced to water by the mitochondrial cytochrome oxidase. Only a small part is converted
to partially reduced products (superoxide, hydrogen peroxide, hydroxyl radical) conventionally called ROS
(reactive oxygen species). Since the late fifties of the previous century, steadily increasing attention is paid to the
Abbreviations: Amplex Red, 10-acetyl-3,7-dihydrophenoxazine;
DLDH, dihydrolipoamide dehydrogenase; DODH, dihydroorotate dehydrogenase; ETF, electron-transferring flavoprotein; GSSG and GSH, oxidized and reduced forms of glutathione, respectively; MAO, monoamine oxidase; mGPDH,
mitochondrial α-glycerophosphate dehydrogenase; NOX,
NAD(P)H oxidase; O2 and O •2 H, superoxide anion and its
protonated form; •OH, hydroxyl radical; OGDHc, α-oxoglutarate dehydrogenase complex; PDHc, pyruvate dehydrogenase
complex; ROS, reactive oxygen species; SMP, submitochondrial particles; SOD, superoxide dismutase; ∆p, proton electrochemical potential difference.
* To whom correspondence should be addressed.

participation of these species in biochemistry and physiology. The most significant steps in biochemistry of ROS
are depicted in Table 1 in chronological order. The data
reported in the literature on mitochondrial ROS production, its dependence on metabolic state, and their quantitative characteristics are countless and often controversial. This can be illustrated by citations from several publications such as: “The mitochondrial electron-transport
chain is the main source of ROS during normal metabolism” [16]. “The mitochondrial respiratory chain constitutes the main intracellular source of ROS in most tissues” [17]. “Are mitochondria a permanent source of
reactive oxygen species?” [18]. “There is no evidence that
mitochondria are the main source of reactive oxygen
species in mammalian cells” [19]. It should also be noted
that mitochondria from various tissues are different in
their relative and specific activities of the enzymes participating in ROS metabolism and also in local oxygen availability for terminal oxidation (liver, kidney, heart, vessel
endothelia, and lung).
In this review, we will focus mostly on ROS production by heart mitochondria. This is (i) because of our own
experience in the field and (ii) because intact coupled
heart mitochondria are easily available, as well as a number of simpler well-defined preparations derived therefrom.
We will discuss some properties of oxygen as an oxidizer. Basic information on the mitochondrial respiratory
chain, the major cellular oxygen consumer, will be provided. The short description of other than respiratory
chain component mitochondrial enzymes capable of

1490

MITOCHONDRIAL ROS PRODUCTION

1491

Table 1. Landmarks in biochemistry of ROS
Authors and year of publication

Short summary

Reference

R. Gershman et al., 1954

Formulation of the concept suggesting ROS as a groundwork for the deteriorating effects of radiation

[2]

D. Harman, 1956

Free radical theory of aging

[3]

P. K. Jensen, 1966

Oxygen consumption by antimycin A inhibited respiratory chain results in
hydrogen peroxide formation

[4]

J. M. McCord and I. Fridovich, 1969

Discovery of Zn,Cu-containing superoxide dismutase in erythrocytes

[5]

B. B. Keele et al., 1970

Discovery of Mn-containing superoxide dismutase in E. coli

[6]

G. Loschen et al., 1971

Demonstration of the dependency of ROS production on functional state
of mitochondria

[7]

D. Harman, 1972

Specific role of mitochondria in ROS-induced aging

[8]

A. Boveris, 1972

Approximate quantitation of contribution of different cellular organelles
to the overall hydrogen peroxide production in liver

[9]

B. M. Babior, 1973

Demonstration of the respiratory “burst” in activated leukocytes; discovery of the superoxide producing NAD(P)H oxidase

[10]

A. A. White et al., 1976

Discovery of the “signaling” role of ROS: activation of guanylate cyclase
by hydrogen peroxide

[11]

Note: The papers published up to 1976 are included in the table. During the following years the number of publications on the subject have been
increasing exponentially. However, they do not report any basic new concepts, but only expand and provide deeper understanding the ideas
that were proposed by the pioneers in the field. A reader interested in “signaling” function of ROS [12, 13], their non-mitochondrial sources
[14], and current state of the enzymology of superoxide dismutases [15] is addressed to the respective references.

ROS production is the subject of next section. Several
notes concerning physiological and pathophysiological
significance of mitochondrial ROS production will be
made in the final part of this review.

CHEMISTRY OF OXYGEN REDUCTION
Oxygen is a strong oxidant. The meaning of the widely used term “strong oxidant” seems worth discussing as it
is relevant to the subject of this review. Aerobic energetics
of all organisms is supported by the free energy change in
oxidoreduction between intracellular reductants (averaged
redox potential is about –320 mV) and oxidant (dissolved
oxygen redox potential in the reaction of water formation
at neutral pH of about +800 mV). The meaning of the
expression oxygen is a “strong” oxidant is that the reaction:
O2 + 4 e- + 4 H+ → 2 H2O

(1)

is thermodynamically irreversible if electrons are provided
by the cellular reducing components (mainly NADH).
On the other hand, oxygen is a “poor” oxidant. Its electronic structure (two unpaired electrons with the same
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013

spins on different π-orbitals) does not allow accepting
simultaneously two electrons with antiparallel spins from
most organic compounds. Kinetic inertness of oxygen is
the reason for chemical stability of many organic molecules in the environment containing 21% gaseous oxygen.
Spin restriction in the reaction of oxidation of organic
molecules by oxygen and thermodynamic irreversibility
of these reactions are evidently the reasons why evolution
has chosen oxygen as the major oxidant for aerobic life
(fitness of oxygen [20]). Evolution has solved the kinetic
inertness of oxygen by creating enzymes, oxidases that
catalyze its reduction to water (cytochrome oxidases,
reaction (1)) or to hydrogen peroxide (other oxidases,
reaction (2)):
O2 + 2 e- + 2 H+ → H2O2.

(2)

The spin restriction is avoided by these enzymes in
such a way that they catalyze reaction (1) or (2) with aid
of one-electron cofactors-donors, such as transition
metal ions (iron, manganese, copper, molybdenum)
and/or organic molecules capable of relatively stable free
radical state (flavins, quinones). In contrast to the kinetically inert molecular oxygen, its intermediately reduced
forms (ROS) are highly reactive, and some of them, i.e.
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hydroxyl radical, can oxidize nonenzymatically proteins,
lipids, nucleic acids, and low molecular mass metabolites.
Remarkably, most oxidases catalyze step-by-step reduction of oxygen to water or hydrogen peroxide with no
release of partially reduced potentially dangerous oxygen
species (see [21] and references therein). Only a small
part of oxygen consumed is reduced to hydrogen peroxide
(reaction (2)), which further serves as the oxidant in peroxidase reactions:
H2O2 + 2 e- + 2 H+ → 2 H2O

(3)

or the reductant and oxidant in the dismutation reaction:
H 2O 2 + H 2O 2 → 2 H 2O + O 2.

(4)

The presence of catalytically active transition metal
ions and/or organic molecules capable of one-electron
reactions as the cofactors in a number of oxidoreductases
or oxygen carriers (myoglobin, hemoglobin) provide the
possibility for one-electron reduction of oxygen to superoxide radical anion (pKa 4.7):
O2 + 1 e- → O2 →→ O•2 H.
H+

(5)

Direct evidence for enzymatic formation of superoxide radical was obtained in 1969 (xanthine oxidase
activity of modified xanthine dehydrogenase, EC
1.17.3.2) [22]. Since then “xanthine oxidase” is most
widely used as the source of superoxide in biochemical
practice.
In aqueous solutions at pH > 5 superoxide is unstable and dismutates non-enzymatically:
2 O2 + 2 H+ → O2 + H2O2

(6)

in the second-order reaction (rate constant of about
100 M–1⋅sec–1) [23]. In 1969, McCord and Fridovich
showed that the red cell protein previously called erythrocuprein catalyzes reaction (6) at rate and substrate
affinity (Km) similar to those known for other oxidoreductases [5]. The enzyme contains copper and zinc as
cofactors. Later an isoenzyme containing manganese was
found in prokaryotes [6].
One-electron reduction of hydrogen peroxide (the
third electron on the way of four-electron step-by-step
reduction of oxygen to water) results in formation of
highly reactive (thermodynamically and kinetically)
hydroxyl radical:
–
H2O2 + 1 e- → •OH + OH .

(7)

Superoxide radical itself can serve as a one-electron
donor for hydrogen peroxide reduction in the reaction
catalyzed by transition metals (Fe, Cu):

n+
(n–1)+
O2 + Me → O2 + Me

Me

(n–1)+

+ H2O2 → Me

n+

+ •OH + OH

–

–
O2 + H2O2 → •OH + OH + O2.

(8)

Hydrogen peroxide in the presence of transition
metal ions is widely used in chemistry as a strong oxidant
(Fenton reagent). It should be noted that only hydroxyl
radical is a highly “active” oxygen specie, but because
superoxide and hydrogen peroxide participate in its formation (reactions (5)-(8)) all three partially reduced oxygen species are usually called “reactive”. Some oxygendependent enzymatic reactions and the standard redox
potentials of their substrate/product pairs are schematically depicted in Fig. 1.
A number of oxidoreductases, which do not use oxygen as the substrate or product under aerobic conditions,
are capable of production or utilization of ROS as side
products (substrates). Most of them are flavoproteins,
and the chemistry of ROS formation by reduced flavin is
given as an example. Flavins (FMN and FAD) are able to
form free radicals upon oxidoreduction. Many enzymes
adopt this property for their electron transferase activity
when they catalyze the oxidation of two-electron donors
(most organic substrates) by one-electron acceptors
(iron-sulfur clusters, cytochromes). Reduced proteinbound or free flavins are oxidized by oxygen, and depending on particular protein environment O2 or H2O2 or
both are formed. Figure 2 depicts the simplified scheme
of the reaction between flavin and oxygen [27]. The
–
reduced flavin (FlH ) donates one electron to oxygen,
and the radical pair (FlH•⋅O2 , step a) is formed.
Homolytic cleavage (step b) results in the formation of
superoxide and flavin radical, whereas heterolytic cleavage produces hydrogen peroxide and oxidized flavin
either directly (step c) or via formation of (C(4a)(hydro)peroxy intermediate (steps d and e).
Other reactions resulting in ROS formation include
other one-electron redox components such as iron-sulfur
clusters, cytochrome hemes, and ubisemiquinones.

HEART MITOCHONDRIA
AND THEIR RESPIRATORY CHAIN
The constant contraction/relaxation of heart muscle requires considerable energy produced by mitochondria during aerobic oxidative phosphorylation.
Mitochondria, making up 25-30% of myocardial mass,
are located close to myofibrils, and well-developed
intramitochondrial contacts form a reticulum [28, 29].
Fatty acids, glucose, and lactate are the major metabolic fuel for the heart, although pyruvate and ketone bodies supplied by blood are also substrates for oxidation
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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Fig. 1. Diagram of the major biochemical reactions of oxygen. Vertical lines are the scales of the standard redox potentials relative to the
hydrogen electrode at pH 7.0. Arrows on left scale indicate the redox potentials of oxygen species, those on right scale correspond to the
potentials of some substrates-electron donors. For the sake of simplicity, the potentials of the substrates of other catalyzed reactions such as
mono-/diamino-, amino acid-, hexose oxidases, and many substrates of hydroxylases are not shown. For this information a reader is
addressed to the classical book by Clark [24]. The values indicated on left scale are taken from reviews [20, 24-26].
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Fig. 2. Reactions of reduced flavin with oxygen (adapted from [27]). See text for explanation.

[30, 31]. The structure of heart mitochondria is the same
as in other tissues: they are vesicles surrounded by two
closed membranes, outer and inner. The latter is folded,
forming well-developed cristae, and the volume of the
matrix surrounded by the inner membrane is small.
The outer membrane separates mitochondria and cytosol and contains several enzymes and so-called porins,
which provide osmotically neutral transport of metabolites of molecular mass <5 kDa into the intermembrane space. The main energy-producing machinery
is located in the inner membrane. The respiratory
chain consists of four components: respiratory complexes I (NADH:ubiquinone reductase), II (succinate:ubiquinone reductase), III (ubiquinol:cytochrome c
reductase), and IV (cytochrome c:oxygen oxidoreductase, cytochrome oxidase). The fifth component of the
oxidative phosphorylation system is ATP synthase (Fo⋅F1ATPase). Electron transfer from NADH and succinate to
oxygen results in formation of water, and energy released
is accumulated as phosphoryl group transfer potential of
ATP. The inner membrane contains many translocases,
which catalyze highly selective transport of ions and neutral organic molecules in and out of the matrix.
Mitochondria contain a number of other oxidoreductases
operating with ubiquinone as the electron acceptor.
“Soluble” enzymes operating in the matrix (Krebs cycle,
β-oxidation of fatty acids, etc.) provide the reducing
equivalents (NAD(P)H) for further oxidation by the respiratory chain.

PREPARATIONS USED FOR ASSAY
OF MITOCHONDRIAL ROS PRODUCTION
Preparations
A number of enzymatically active preparations are
used in studies of mitochondrial ROS production: intact
and permeabilized mitochondria, submitochondrial particles (SMP), purified components of the respiratory
chain, and other oxidoreductases.
Intact mitochondria. In intact mitochondria, the formation of ROS by the membrane-bound enzymes and by
the matrix-located proteins proceeds in their natural
environment. The major advantage of intact mitochondria is that they are tightly coupled, different physiologically relevant states can be investigated such as resting
state (no added ADP, slow respiration, state 4 according
to Chance’s nomenclature [32]) or active state (in the
presence of added ADP, rapid respiration, state 3 [32]).
The major shortcoming in the use of intact mitochondria
is the extreme complexity of the system. Consider a reaction that produces superoxide or hydrogen peroxide during NADH oxidation in the mitochondrial matrix. To
measure overall ROS production, the substrate of NAD+dependent dehydrogenase, i.e. malate for malate dehydrogenase located in matrix, is to be added. The equilibrium of the malate dehydrogenase reaction is strongly
shifted towards oxaloacetate reduction, and added glutamate is required to trap oxaloacetate in a transaminase
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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reaction. Alternatively, pyruvate can be added to trap
oxaloacetate by acetyl-CoA and subsequent citrate formation. The rate of overall ROS formation would be a
complex function of: (i) malate, glutamate, and aspartate
(or pyruvate and citrate) transport; (ii) malate dehydrogenase and transaminase (or pyruvate dehydrogenase complex, PDHc, and citrate synthase) activities; (iii) ROSproducing enzyme activity; (iv) activities of the intramitochondrial ROS-utilizing enzymes (antioxidant defense
system including matrix-located and intramembranelocated SODs, glutathione peroxidase, catalase, peroxyredoxins, glutaredoxins); and (v) transport of hydrogen
peroxide across two membranes. Needless to say, it would
be extremely difficult if not impossible to interpret what is
the actual target of an effector that influences an experimentally observed rate of ROS production.
The inner mitochondrial membrane is non-permeable for superoxide anion [33, 34]. It is generally assumed
that hydrogen peroxide freely penetrates the inner membrane. However, we have shown that this assumption is
questionable: oxygen formation by catalase from hydrogen peroxide externally added to intact mitochondria was
strongly stimulated by the pore-forming antibiotic alamethicin [35].
The use of alamethicin or other agents for permeabilization partially avoids transport limitations. Under certain conditions, alamethicin provides unlimited transfer
of low molecular mass compounds to and from the mitochondrial matrix, leaving the residence of matrix-located
proteins unaltered [36, 37]. On the other hand, permeabilization of the inner membrane results in a complete
collapse of proton-motive force (∆p), a key parameter
controlling mitochondrial metabolism.
Isolated purified enzymes. The advantage of isolated
enzymes with no contaminating components is obvious.
However, possible modifications of the membrane-bound
proteins during their preparative procedure caused by
ultrasonic treatment and by detergents cannot be excluded. Also, the effects of the membrane potential on their
ROS-producing activity can only be studied after reconstitution into proteoliposomes.
Submitochondrial particles. SMP is the choice for
studies on ROS generation and other activities catalyzed by
the enzymes located in the inner mitochondrial membranes. Inside-out coupled SMP catalyze oxidation of
NADH and succinate with respiratory control index (ratio
of oxygen consumption at state 3 and 4) of about 8 and 3,
respectively [38]. The substrate-binding active sites of the
membrane-bound oxidoreductases exposed to matrix in
intact mitochondria are directly accessible for added compounds in inside-out SMP. Also, SMP are almost completely devoid of the soluble matrix-located protein including the components of antioxidant defense. Substrate oxidation or ATP hydrolysis by SMP results in ∆p formation,
thus allowing studies on simulation of different physiological states (state 3 and 4 and their transition).
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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Methods of ROS Detection
Assay of superoxide. Superoxide detection is not simple even when it is produced by purified enzymes. The O2
radical is not stable, and a number of redox active compounds that are rapidly and specifically oxidized or
reduced by superoxide followed by determination of the
products using optical or EPR methods are applied. The
reduction of cytochrome c, epinephrine or dihydroethidine oxidation, and specific reactions with spin traps are
used [39]. None of these reagents show absolute specificity for superoxide, and many oxidoreductases directly
react with them. This necessitates calculations of the
SOD-sensitive reaction, which should be a significant
fraction of the overall reaction. Circumstantial indications of superoxide production are also widely used. For
example, the iron-sulfur cluster of aconitase, the enzyme
catalyzing interconversion of citrate to isocitrate, is sensitive to oxidation, and its catalytic activity is irreversibly
destroyed by superoxide. The loss of aconitase activity is
widely used as a criterion for superoxide-producing activity of intact mitochondria [39, 40]. Another way to assay
superoxide production is to measure hydrogen peroxide
that is formed in the presence of SOD [39, 41].
Assay of hydrogen peroxide. Rapid and specific highaffinity binding of hydrogen peroxide to heme-containing
peroxidases results in the formation of a spectrally
detectable complex, so-called compound I, and this reaction can be used for direct quantitative determination of
H2O2 [41]. Other assay procedures based on the specific
hydrogen peroxide–peroxidase interaction have been
developed. They utilize peroxidation of a number of fluorescent or light-absorbing compounds-donors, such as
scopoletin, diacetyldichlorofluorescein, p-hydroxyphenyl
acetate, homovanillic acid (3-methoxy-4-hydroxyphenylacetic acid), and recently most widely used Amplex Red
(10-acetyl-3,7-dihydrophenoxazine) [39, 42]. These
compounds reduce hydrogen peroxide to water, and the
oxidized products are detected. Again, the assays are
complicated by direct interaction of dyes with the enzyme
redox components, and many controls are needed for
reliable quantitative determination of hydrogen peroxide.

MITOCHONDRIAL ROS-PRODUCING ENZYMES
Mitochondria isolated from various tissues produce
hydrogen peroxide upon aerobic oxidation of substrates
[7, 41, 43]. The observed rates of the mitochondrial
hydrogen peroxide production depend on the tissue, ionic
composition and pH of the incubation media, and on the
methods used for detection of ROS [44-46]. It strongly
depends on the metabolic state: the production of hydrogen peroxide is maximal at state 4 oxidation of succinate,
and it is greatly decreased in the presence of uncoupler or
ADP (state 3) [7, 9, 47, 48]. According to Boveris et al.
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[9], the total rate of the H2O2 production was calculated
to be on the order of 90 nmol/min per g wet weight of
liver, and about 15% of that was attributed to mitochondria. Unfortunately, the paper by Boveris et al. [9] published many years ago (in 1972) is the only one where an
attempt to approximate quantitatively the relative contribution of different cellular components to the total
hydrogen peroxide production was undertaken. Higher
relative contribution of mitochondria to the total ROS
production in heart is expected because of their higher
content as compared to liver. Up to 3% of the total oxygen consumed by mitochondria is converted to hydrogen
peroxide [44, 48]. Respiratory chain-linked ROS generation was originally reported by P. Jensen (see Table 1),
who observed antimycin A-insensitive1 oxygen consumption by mitochondrial membranes oxidizing NADH or
succinate coupled with hydrogen peroxide production
[4]. Further studies have identified the specific components of the respiratory chain responsible for ROS production – complex I [49-52] and complex III [16, 53,
54], and also a number of other mitochondrial oxidoreductases producing hydrogen peroxide and/or superoxide
radical [55].
The mitochondrial enzymes capable of ROS production are listed in Table 2. Their content and specific activities in different tissues vary greatly. The enzymes 1-4 and
7 are highly active in mitochondria from all tissues studied so far, whereas the specific activity of α-glycerophosphate dehydrogenase (8) is particularly high in brown adipose tissue and insect mitochondria. Limited or controversial information is available about the specific activities of enzymes 5, 6, and 9. Here we will describe some
properties of enzymes 1-4 and 7, which are particularly
active in heart mitochondria, and make only short notes
about some properties of enzymes 5, 6, 8, and 9.
Dihydroorotate dehydrogenase. Dihydroorotate
dehydrogenase (DODH, dihydroorotate:ubiquinone oxidoreductase, EC 1.3.99.11) is a flavoprotein catalyzing a
unique redox reaction in the de novo pyrimidine synthesis
pathway. Mammalian DODH is located in the inner
mitochondrial membrane (class II dihydroorotate dehydrogenases) [65-69]. The FMN-containing active site of
the enzyme formed by a hydrophilic part of the protein is
exposed to the intermembrane space, whereas a smaller
domain bound to the membrane surface contains a
hydrophobic channel that makes FMN accessible for
ubiquinone [64, 70]. The N-terminal sequence of the
protein is a functional unit required for its binding to the
membrane surface and for interaction with ubiquinone
[71]. DODH has been found in many organs, and its specific activity is particularly high in rapidly proliferating
tissues (tumor cells, mucosal cells of the ileum and colon

1

Antimycin A is a specific electron transfer inhibitor between
ubiquinol and cytochrome c.

crypts, kidney cortex) [66, 68, 69]. In heart, DODH
activity is about 1/15th of that of succinate dehydrogenase, the most active respiratory enzyme in heart and liver
mitochondria [69]. The formation of superoxide during
aerobic oxidation of dihydroorotate in the presence of
cyanide was originally demonstrated in liver mitochondria [72], the observation later being confirmed for brain
mitochondria and for the solubilized purified liver mitochondrial enzyme [73]. FMN was postulated as the
source of superoxide. However, histochemical studies of
mitochondria in heart and kidney cortex showed that
during dihydroorotate oxidation, hydrogen peroxide (the
product of superoxide dismutation) was accumulated at
the matrix-exposed area of the inner membrane, and not
in the intermembrane space as expected if flavin is the site
of superoxide generation. Specific staining was decreased
in the presence of brequinar, a specific enzyme inhibitor
[68]. It should be noted that cyanide used in those experiments for inhibition of respiratory activity significantly
increases the level of DODH reduction, as well as that of
other respiratory chain components capable of superoxide and/or hydrogen peroxide formation, so the amount
of DODH-specific ROS production could be overestimated. Whether DODH effectively produces ROS in the
absence of the respiratory inhibitors is not yet clear [70].
It has been shown recently that some drugs specifically
interacting with the hydrophobic channel of the enzyme,
thus preventing FMN-ubiquinone oxidoreduction, significantly decrease ROS formation in cancer cell cultures
[74].
Mitochondrial glycerophosphate dehydrogenase. The
mitochondrial α-glycerophosphate dehydrogenase
(mGPDH, type 2 GPDH, α-glycerol-3-phosphate:ubiquinone oxidoreductase, EC 1.1.99.5) is located on the
outer surface of the inner mitochondrial membrane [75].
It is a FAD-containing protein catalyzing oxidation of
cytoplasmic α-glycerophosphate by ubiquinone. When
operating together with cytoplasmic enzyme (NAD+dependent GPDH, type 1), mGPDH catalyzes the transfer of reducing equivalents from cytosolic NADH to the
mitochondrial respiratory chain (glycerophosphate shuttle). The mitochondrial enzyme is widely distributed,
although its activity and content in different tissue vary
greatly. Brown adipose tissue, placenta, pancreatic islets
of Langerhans, testis, type II skeletal muscle, and brain
are tissues with high mGPDH activity, whereas heart,
liver, and kidney mitochondria show low activity [76, 77].
The ratio of mGPDH activity to that of succinate dehydrogenase in heart mitochondria is only 1/15 [76]. The
enzyme content in the tissues with its low activity is
strongly increased by thyroid hormones [78]. The atomic
structure of the mitochondrial enzyme has not been
established, but comparative analysis of cDNA coding
bacterial, yeast, and higher eukaryote enzymes reveals
high homology of the protein amino acid sequences [79].
The three-dimensional structure of E. coli type 2 GPDH
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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Table 2. Mitochondrial ROS producing enzymes
Enzyme

1

Complex I

Reaction

Redox cofactors

→

NADH + Q + H+ + 4 H+in → NAD+ +

Localization

Reference

+ QH2 + 4 H+out

FMN, 8 iron-sul- inner mitochondrial
fur centers, bound membrane
ubiquinone
FAD, 3 iron-sulfur
centers, heme b

--"--

[57]

2 hemes b, ironsulfur center,
heme cyt c1

--"--

[58]

+ 2 H+ + 2 H+out

→

2

Complex II

succinate + Q → fumarate + QH2

3

Complex III

QH2 + 2 cyt c3+ + 2 H+in → Q + 2 cyt c2+ +

→

→

4

Dihydrolipoamide
dehydrogenase

dihydrolipoamide + NAD+ → lipoamide +
+NADH + H+

FAD, redox active matrix
disulfide

5

NAD(P)H oxidase
(NOX4)

NAD(P)H + O2 + H+ → NAD(P)+ + H2O2

FAD, 2 hemes b

6

Monoamine oxidase

amine + O2 + H2O + H+ → aldehyde +
+ H2O2 + NH+4

FAD

7

Acyl-CoA-dehydroge- acyl-CoA + Q → enoyl-CoA + QH2
nase, electron-transferring flavoprotein,
and its dehydrogenase

8

α-Glycerophosphate
dehydrogenase

9

Dihydroorotate
dehydrogenase

[56]

[59]

outer mitochondrial
membrane

[60]

--"--

[61]

FAD, iron-sulfur
cluster

matrix, inner surface
of inner mitochondrial membrane

[62]

α-glycerophosphate + Q → dihydroxyacetone phosphate + QH2

FAD

outer surface of
inner mitochondrial
membrane

[63]

dihydroorotate + Q → orotate + QH2

FMN

--"--

[64]

[80] appears as a dimer in which two bound monomers
form a “cap” protruding to the bacterial cytoplasm. The
“cap” isolates the substrate dehydrogenating active FADcontaining sites from the aqueous environment. Each
monomer has two domains, a hydrophilic participating in
the “cap” formation (C-end) and an N-terminal FADbinding domain. A positively charged area of the protein
located at the membrane surface binds to negatively
charged plasma membrane phospholipids. No sequences
characteristic for transmembrane helices are found in the
primary structure, thus suggesting that the enzyme is
bound to the membrane surface [80]. An EF-motif is
found in the primary structure [79] – an observation that
is in accord with known stimulatory effect of Ca2+ on the
enzyme activity (decrease in Km for α-glycerophosphate)
[75]. Heart mitochondria generated ROS during coupled
(state 4) α-glycerophosphate oxidation at the rate of only
3 pmol/min per mg of protein, whereas the activity seen
under the same conditions with succinate as the substrate
was about 260 pmol/min per mg of protein [76]. The glycerophosphate-supported ROS production is increased by
the inhibitors of complex III, antimycin A or myxothiaBIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013

zol. In the presence of antimycin A, hydrogen peroxide is
produced at several sites when α-glycerophosphate is oxidized: those are GPDH itself and also complexes II and
III, which are reduced by QH2 [76, 77]. Only 6% of the
total generation was originated from mGPDH under
these conditions [77]. What particular redox components
of the enzyme react with oxygen is not clear. Reduced
ubiquinone or protein-bound ubisemi-quinone have been
proposed as the source [40, 77]. Strong stimulation of
mGPDH-mediated ROS production by the one-electron
acceptor ferricyanide [81] was observed.
NAD(P)H oxidase (NOX4). NAD(P)H oxidases of
the NOX family (EC 1.6.3-) are enzymes that generate
ROS as the product of their natural catalytic cycle. They
are the membrane-bound proteins catalyzing electron
transfer from NAD(P)H to oxygen, thus producing
superoxide. NAD(P)H oxidase of phagocytes (NOX2)
responsible for so-called “respiratory burst” is the beststudied member of the family [60]. No atomic structure
of any member of the family is available. The sequences,
hydropathy profiles, and immunological analysis suggest
that all NAD(P)H oxidases are structurally similar. They
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are integral membrane proteins with six transmembrane
helices and five hydrophilic loops: three on one side of the
membrane and two on the other side [60]. The
NAD(P)H- and FAD-binding sites are located in the Cterminal region. Heme b is bound to the transmembrane
helices. The sequential intramolecular transmembrane
electron transfer NAD(P)H → FAD → heme b → heme
b → O2 results in a formation of two molecules of superoxide, which are the true, not side product of the enzyme.
Mitochondria contain isoform NOX4, which requires
only the one additional membrane protein p22 for activation, whereas other NOXs need, in addition, several cytoplasmic proteins [60, 82]. In contrast to other members of
the family, the product of NOX4 is hydrogen peroxide,
not superoxide, although oxygen is reduced by a oneelectron donor (heme b). A histidine residue located in
the E-loop serves as the donor of protons required for
rapid catalytic dismutation of the product [83]. NOX4
was first found in kidney (originally named Renox [84]),
and later the enzyme was detected in the mitochondrial
fraction of cardiomyocytes [85, 86]. The intramitochondrial location and topology of NOX4 have not been
defined [87].
The physiological function of NOX4 in heart is
unclear. An increase in its expression during aging and
heart hypertrophy has been reported [85]. An increase in
NOX4 activity positively correlates with increased oxidation of SH-groups in several subunits of complex I and
inactivation of aconitase and citrate synthase leading to a
disorder of the mitochondria and cell death [85, 86].
Monoamine oxidase. Monoamine oxidase (MAO,
EC 1.4.3.4) is a FAD-containing enzyme that controls
the level of the neurotransmitters and protects cells from
deteriorating effects of amines. MAO is located in the
outer mitochondrial membrane as a dimer formed by
hydrophobic transmembrane helices [61, 88-90]. Two
homologous isoforms of MAO exist (MAO-A and MAOB) that differ in their specificity and sensitivity to
inhibitors. MAO-A preferentially oxidizes norepinephrine and serotonin, whereas phenylethylamine and benzylamine are the best substrates for MAO-B. Either isoform deaminates dopamine, tyramine, epinephrine, and
tryptamine at the same rates [61, 89, 90]. Hydrogen peroxide is the product. The only redox component, FAD, is
covalently attached to a cysteine residue of the polypeptide chain [91]. The enzyme is found in all tissues (nervous tissue, heart, lungs, liver, blood vessels, etc.) [92]. In
cardiomyocytes, MAO-A is the major specie [92]. The
reaction products, hydrogen peroxide, aldehydes, and
ammonium, are toxic. Increased expression of the
enzymes or their activation result in a number of pathologies. According to several reports, MAO plays the major
role in the development of oxidative stress of the nervous
system and heart. Particularly, deteriorating effect of
reperfusion after ischemia was reported to be caused by
MAO-A [93]. Serotonin is accumulated during an

ischemic period, and when oxygen becomes available
upon reperfusion MAO produces hydrogen peroxide. The
latter gives rise to peroxidation of mitochondrial phospholipids and apoptosis. Inhibitors of MAO are cardioprotective. They decreased hydrogen peroxide production
and prevented reperfusion-induced destructions, such as
myofibril hypercontraction, interstitial edema, and
swelling of mitochondria [94]. The addition of serotonin
to cardiomyocyte culture [94] resulted in a decrease in
reduced glutathione content and in increase in hydrogen
peroxide production. Also, increased expression of
proapoptotic (BAX) protein, decrease in antiapoptotic
(Bcl-2) protein, and release of cytochrome c to the cytoplasm were observed. The inhibitors of MAO-A prevented these serotonin-induced effects [94]. Other observations that suggest an important role of MAO in development of myocardial oxidative stress is its increased
expression during aging, which correlates with an
inhibitor-sensitive increase in hydrogen peroxide [95].
Acyl-CoA dehydrogenase, electron-transferring
flavoprotein, and its dehydrogenase. The electron-transferring flavoprotein (ETF) discovered by Crane and
Beinert [96] serves as the only electron acceptor for nine
different mitochondrial FAD-containing acyl-CoA dehydrogenases [62, 97]. This heteromeric protein contains
one molecule of FAD per dimer located in a cleft between
the α- and β-subunits [98]. Two ETF molecules are
apparently needed for oxidation of the reduced acyl-CoA
dehydrogenases because FAD in the catalytic cycle acts as
a one-electron acceptor [99]. The reduced ETF transfer
electrons to ETF:ubiquinone oxidoreductase (EC 1.5.5.1)
[100], an enzyme which functionally is a member of the
mitochondrial respiratory chain. This is a single-subunit
protein located on the inner side of the inner mitochondrial membrane. One FAD and a [4Fe-4S] iron-sulfur
cluster, which act as one-electron acceptors/donors, have
been detected in the enzyme [62, 101]. ROS production
during palmitoyl carnitine (penetrating form of fatty
acids) oxidation in mitochondria from skeletal muscles
and brown adipose tissue has been observed [46, 102,
103]. What the particular component that generates ROS
during fatty acid oxidation – ETF, ETF:ubiquinone oxidoreductase, complex III, or complex I – is not clear [46,
102, 104]. Participation of acyl-CoA dehydrogenases
themselves [103] in ROS generation cannot be excluded
because their reduced substrate-free forms rapidly reduce
oxygen to hydrogen peroxide [105].
Respiratory complex I. The generation of ROS by
complex I will be described in more details than for other
enzymes because it is the major component of the respiratory chain-mediated reaction. The mitochondrial proton-translocating NADH:ubiquinone oxidoreductase
(complex I, first coupling site, EC 1.6.99.3) and its functional homolog, prokaryotic type 1 NADH dehydrogenase, catalyze oxidation of NADH by quinones coupled
with translocation of four protons per mole of NADH
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oxidized, thus building up ∆p across the membrane. The
reaction is reversible, and NAD+ reduction is observed if
ubiquinone is reduced by any other quinone-reducing
dehydrogenase when the membrane is energized (reverse
electron transfer). The ∆p-dependent reduction of the
enzyme redox components in the absence of NAD+ under
aerobic conditions results in ROS generation.
The structure of the enzyme is extremely complex.
The mammalian complex I is composed of 44 individual
subunits (total molecular mass about 980 kDa) [106, 107],
in Yarrowia lipolytica mitochondria 42 different subunits
(molecular mass ~947 kDa) have been identified [108,
109], whereas prokaryotic type 1 dehydrogenase contains
13-15 subunits (molecular mass ~550 kDa) highly homologous to the corresponding subunits of the eukaryotic
enzymes. The type 1 prokaryotic enzyme represents the
minimal structural requirement for the overall protontranslocating NADH:ubiquinone reductase reaction [110,
111]. The enzymes from different species have the same
set of redox components. They are FMN [112], 8-9 ironsulfur clusters [113-116], and tightly bound ubiquinone
[117]. The functional roles of the so-called “supernumerary” subunits of the eukaryotic complexes are unknown.
Complexes I from various sources and prokaryotic
homologs are similar in their L-shape arrangement (Fig.
3a) [111, 118-120]. The peripheral (almost vertical) part
(about 150 Å) protrudes into the mitochondrial matrix (or
bacterial cytoplasm). It is composed of relatively
hydrophilic subunits. The FMN (primary electron acceptor) and NADH-binding site are located far from the
membrane plane and exposed to the aqueous environment. All the redox components of the Thermus thermophilus [120-122] and eukaryotic Yarrowia lipolytica
enzymes [123] were visualized in subunits of the protruding hydrophilic part (Fig. 3a). The iron-sulfur centers
(designated by the letter N and numbered according to
Ohnishi’s nomenclature [124]) form an electron-conducting “wire” connecting the flavin and the ubiquinonebinding site, which is located at 25-30 Å distance from the
membrane [119]. They transfer electrons in the sequence:
NADH → FMN → N3 → N1b → N4 → N5 → N6a →
N6b → N2 → Q [118, 120]. Center N1a is located out of
the “wire” in close (about 13 Å) vicinity of flavin (Fig. 3a).
NADH is an obligatory two-electron donor, and FMN
and N1a apparently operate as the “coupling” pair to provide rapid oxidoreduction between two-electron donor
(NADH) and one-electron acceptor (N3), as suggested
for a number of other iron-sulfur containing flavoproteins.
Three transmembrane subunits homologous to bacterial
Na+/H+ antiporters located in the horizontal part of the
structure shown in Fig. 3a have been recently identified in
the structure [125]. They are believed to catalyze redoxdriven proton translocation. The large distance between
all redox components and putative proton translocating
subunits is suggestive of a redox-dependent conformational pump mechanism operating at coupling site 1 [126].
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Bovine heart SMP generate ROS at the rate of 2-2.5
(2e- equivalents⋅109/min per mg of protein)1 when they
catalyze controlled (state 4) oxidation of succinate or
NADH, the specific activity corresponding to about
0.25% of the total oxidase [127]. During the NADH oxidase reaction, about 85% of ROS is produced by complex
I, and the residual 15% is generated by respiratory complexes II and III [127]. Complex I operating within tightly coupled SMP is capable of ROS production in several
assay systems: 1) energy-linked reverse electron transfer
(in the absence of NAD+); 2) the standard overall NADH
oxidase; and 3) oxidation of NADH in the presence of
respiratory inhibitors (rotenone, piericidin, antimycin A,
etc.) [7, 9, 49, 51, 52, 127-130]. It has been reported that
complex I produces only superoxide, the precursor of
hydrogen peroxide [55]. This observation is in accord
with a recent report by Hirst’s group [131], who has
shown that during oxidation of very low NADH concentrations by purified bovine heart complex I 90% of the
electron flow produces superoxide and only 10% results
in hydrogen peroxide formation [131]. Purified E. coli
enzyme produced 80% of ROS as hydrogen peroxide
[132]. Recently, we have shown that the membranebound complex I (SMP) as well as purified enzyme is
capable hydrogen peroxide and superoxide production
(Fig. 3b) [127, 133]. The rate and partitioning between
the products apparently depend on the enzyme preparations used (intact mitochondria, SMP, isolated enzyme)
and on the assay conditions (substrate concentration,
ionic composition, and pH).
The reaction catalyzed by intact mitochondria or
coupled SMP when it proceeds via reverse electron transfer is strongly dependent on the membrane energization;
it is inhibited by ADP (state 3 respiration) and very sensitive to uncoupling [7, 9, 49, 51, 127-129]. The respiratory control ratio correlates with the rate of aerobic succinate-supported reverse electron transfer [134]. The better
coupled SMP are, the higher the rate of ROS generation
by complex I and the higher the fraction of hydrogen peroxide in the total ROS produced is (35 and 60% at respiratory control ratio of 4.5 and 8.0, respectively) [127].
The rate of ROS production and fractional products formation during NADH oxidation are less sensitive to the
membrane energization [127-129]. The respiratory
inhibitors increase superoxide and hydrogen peroxide
production up to 2-fold, thus indicating that the level of
reduction of the respiratory chain components rather
than the membrane energization is the key parameter that
determines ROS production [50, 51, 127, 129].
The partitioning between superoxide and hydrogen
peroxide by complex I also depends on NADH concen1

2e- equivalents are equal to 1 mol of NADH oxidized. This way
to express ROS producing activities is used because the formation of superoxide or hydrogen peroxide requires one or
two electrons, respectively.
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NADH (-320 mV)

FMN (−340 mV)

(−370 mV)
(−250 mV)

N2 (−100 mV)
Q/QH⋅/QH2 (+120 mV)
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- equivalents·109/
ROS generation, 2e
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Intermembrane space

b

c

NADH, µM
Fig. 3. Mitochondrial complex I. a) Intramolecular electron transfer (midpoint potentials of the substrates (NADH and ubiquinone) and the
iron-sulfur clusters [118] are indicated in brackets). Possible sites of ROS generation are marked by asterisks. b, c) Relative contribution of
superoxide (open bars) and hydrogen peroxide (filled bars) to the overall ROS production by SMP-bound (b) and purified (c) complex I [127].

tration. The rate of superoxide production reaches a maximum at 10-50 µM NADH and gradually decreased in the
millimolar range of the substrate concentration [127,
129]. The apparent KmNADH as determined from a linear
double-reciprocal plot for the ascending part of the superoxide production titration curve is as low as about 0.5 µM
[127]. The apparent Km value for the substrate-donor in
the reaction catalyzed by any multi-redox-component
oxidoreductase sequentially transferring electrons from

the donor to an acceptor depends on the redox potential
difference between the primary electron acceptor (FMN
for complex I) and the component that reacts with an
acceptor. The larger the difference is, the lower the apparent Km is observed [135]. Very low KmNADH for superoxide
production [127, 131] indicates that a component immediately reacting with oxygen has significantly higher redox
potential than that of FMN. The iron-sulfur cluster N2,
the most positive redox component of complex I with
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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midpoint potential of about –100 mV seems likely to
react with oxygen. This cluster is located in close vicinity
to the ubiquinone-binding site at the funnel-like area at
the distance of 25-30 Å from the membrane plane [119].
All other iron-sulfur centers are well insulated by the protein. Remarkably, all the specific inhibitors of complex I
act at either the entry point (competitive inhibitors such
as NADH-OH [136, 137] and ADP-ribose [138] or
diphenyleneiodonium [139, 140]) or at the exit site
(many inhibitors of the Q reduction site [141-143]).
Hydrogen peroxide formation depends on NADH
concentration quite differently. At low substrate concentrations (up to 3 µM) no production is seen, and the rate
reaches a constant value at higher (up to millimolar)
range of NADH concentration where its relative contribution to the overall ROS production is about 60%. The
half-maximal rate is observed at much higher (50-fold)
NADH concentration than that for superoxide production (~25 µM; Fig. 3b) [127].
Complex I-catalyzed ROS production is inhibited
by µmolar NAD+ concentrations [129]. The specific
activity of complex I in ROS generation is less than 1% of
its major oxidase or NADH:artificial acceptors reductase
reactions, so it is safe to assume that all redox components are in equilibrium with the NAD+/NADH couple
during the steady-state reaction (the kinetic term contribution to apparent Km is negligible). Thus the dependence
of ROS production on NAD+/NADH ratio can be used
to approximate the midpoint redox potential of the component reacting with oxygen. The NAD+/NADH ratios
reported in the literature for half-maximal ROS production by complex I are greatly variable (from 0.01 up to 7.0
[52, 131, 144-146], see Table 2 in [146]). At least two possible reasons for these variations are conceivable. First, in
intact mitochondria other than complex I enzymes that
are also in equilibrium with the NAD+/NADH couple
produce ROS, for example, the E3 component of αoxoglutarate and pyruvate dehydrogenases [35]. Second,
the titration of complex I as well as other enzymes by the
NAD+/NADH couple is not a true redox titration
because the relative binding affinities of the reduced and
oxidized enzyme to NAD+ and NADH may significantly
contribute to the apparent NAD+/NADH ratio required
for ROS production. Thus (NAD+/NADH)0.5 value
depends on the total nucleotide pool concentration, and
it decreases from 0.2 to 0.05 when the total NAD+ plus
NADH concentration increases from 50 to 500 µM [146].
Lower value of (NAD+/NADH)0.5 is expected for intact
mitochondria because the total concentration of pyridine
nucleotides in the mitochondrial matrix is much higher
(~4-7 mM). Indeed, Kushnareva et al. reported
(NAD+/NADH)0.5 ratio of 0.01 for heart mitochondria as
deduced from titration by the acetoacetate/β-hydroxybutyrate couple [144]. They hypothesized that iron-sulfur
cluster N1a is the center of superoxide formation, since
half-maximal production in their experiments was seen
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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at –392 mV, a value close to the midpoint potential of
N1a (–370 mV [111, 150]). Their interpretation is in
accord with Sazanov’s proposal on participation of N1a
and FMN/FMN• in the catalytic cycle [118].
It has been shown in earlier studies that the rate of
superoxide production by SMP is less dependent on the
medium redox potential than on the nature of the substrate-nucleotides. Half-maximal rate was detected at
approximately the same ratio of NAD+/NADH and
acetyl-NAD+/acetyl-NADH, whereas the redox potentials of these couples differ by about 60 mV [52].
Hydrogen peroxide and superoxide production by
complex I depend on NAD+/NADH differently. At low
nucleotides concentration (50 µM), which is optimal for
either species, the rate of H2O2 production satisfactorily
fits the Nernst equation for a two-electron reaction with
midpoint redox potential of –350 mV ((NAD+/
NADH)0.5 = 0.13) [127]. This value is close to the midpoint potential of FMN (–370 mV at pH 8.0) estimated
from EPR data [147]. The same dependence for superoxide production does not fit the Nernst equation, and halfmaximal activity is observed at significantly higher
NAD+/NADH ratio (0.33) [127]. Superoxide production
does proceed even when the pool of nucleotides is 90%
oxidized, i.e. at a potential that is much more positive
than that of the FMN/FMNH– couple. These results also
indicate that the most positive N2 center is the source of
superoxide production.
The dependence of superoxide production by purified complex I on NAD+/NADH ratio was also measured
by Kussmaul and Hirst, who observed maximal activity at
potential less than –400 mV, whereas no generation was
seen at potential higher than –300 mV [131]. Their titration curve fitted the theoretical curve of two-electron
titration of the FMNH–/FMN couple with midpoint
potential of –360 mV.
Galkin and Brandt [151] used an apparently direct
approach that excluded iron-sulfur cluster N2 as the site
of one-electron reduction of oxygen. They found that a
mutant form of Y. lipolytica isolated complex I (R141M),
which showed no EPR-detectable center N2, produced
superoxide with the same rate (96%) as did the enzyme
from the wild strain. The data on superoxide formation
activity catalyzed by either form were normalized to their
NADH:artificial acceptor reductase activities. However,
the same normalization of their data to the “natural”
activities shows that the “mutant form” was 60% active in
quinone reductase activity (see Table III in their paper
[151]). The authors did not report the data on rotenonesensitivity of the quinone reductase activities. If they were
rotenone-sensitive, the data would suggest that the
R141M mutant catalyzed “normal” quinone reductase
reaction without participation of N2, a possibility that
seems unlikely. We believe that exclusion of iron-sulfur
cluster N2 as a possible site of superoxide production
should wait for more experimental verification.
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Brand et al. measured complex I-mediated ROS
production during forward and reverse electron transfer
in intact skeletal muscle mitochondria [152]. They concluded that there are two sites of generation – flavin and
bound ubisemiquinone. In their view, in the forward reaction flavin equilibrated by the NAD+/NADH couple is
the site of ROS, whereas bound ubisemiquinone equilibrated by the Q/QH2 couple produces superoxide during
the reverse reaction. This proposal is similar to that of
Ohnishi et al. [153]. They propose that ROS are generated by either flavin or by ubisemiquinone, which are in
dynamic equilibrium dependent on the membrane energization and the degree of ubiquinone reduction [153].
ROS production by complex I in intact mitochondria with succinate as the substrate is substantially higher
(3-4-fold) than that observed with NAD+-dependent
substrates. This would seem trivial, because the reaction is
inhibited by high NADH level, and the reduction of the
pyridine nucleotide pool by NAD+-dependent substrates
is expected to be higher than that in the presence of succinate. This interpretation, however, does not seem valid:
the degree of NAD+ reduction in tightly coupled mitochondria from various tissues oxidizing succinate is
always higher than that observed upon oxidation of
NAD+-dependent substrates. This puzzling phenomenon
originally observed by Chance and Hollunger as early as
in 1961 [154] is still not satisfactorily explained. They
proposed “compartmentalization” of the intramitochondrial pyridine nucleotides as a possibility [154], but this
has no direct experimental evidence. In numerous studies
on mitochondrial ROS production, succinate is most frequently used as the respiratory substrate. It should be
emphasized that coupled mitochondria oxidizing externally added succinate cannot be considered as the model
of any physiologically conceivable state. Succinate, an
intermediate of the Krebs cycle, is produced and utilized
in the mitochondrial matrix, providing one fifth of the
reducing equivalents during complete oxidation of pyruvate. No other quantitatively significant cytoplasmic
sources of succinate exist in aerobic metabolic pathways
(here we put aside α-oxoglutarate-dependent proline
hydroxylation [155, 156] and succinic semialdehyde
transformation [157] as insignificant for the total respiratory activity of mammalian tissues). This does not mean
that the reverse electron transfer catalyzed by complex I
does not contribute to reduction of the intramitochondrial pyridine nucleotides. Ubiquinol, the actual substrate
for the energy-linked reverse electron transfer, is produced in several mitochondrial metabolic pathways, such
as fatty acid β-oxidation or oxidation of α-glycerophosphate.
The well-known “burst” of ROS formation upon
anaerobic–aerobic state transition, such as organ reperfusion after ischemia, is a phenomenon that seems relevant to the present discussion. The mechanistic reason(s)
for the burst is(are) not clear. Complex I may contribute

to “burst”. If either NADH or oxidized ubiquinone is not
available, the transformation of the enzyme to so-called
de-active state is observed (at T > 30°C), and electron
transfer from N2 to ubiquinone becomes blocked (see
papers [38, 158, 159] and reviews [160, 161]). The active
(A) state to de-active (D) state transition has been detected for isolated complex I [158, 159], SMP [38], intact
heart mitochondria [36], and in ex vivo studies of perfused
hearts [162]. De-activation of complex I is equivalent to
the inhibition by rotenone, which is known to increase
ROS production. The back transformation of D-form to
A-form is a slow process, which is inhibited by free fatty
acids and divalent metals cations [163-165]. Taken
together, the data on A/D-transformation suggests the
following scenario of the normal state → ischemia →
reperfusion transition. A certain rate of complex I-mediated ROS production under the initial normal state
occurs. It stops under ischemia because no oxygen is
present. A sudden increase in oxygen up to the normal
level would result in a burst of ROS because de-activated
enzyme will be directly oxidized by oxygen, not by
ubiquinone. An increased ROS production is expected for
the time needed for slow the D-to-A transformation and
restoration of the normal ubiquinone reductase activity.
De-activation of complex I is accompanied by exposure
of a hidden SH-group (Cys39) located in the ND3 subunit [166], and if this cysteine residue is covalently modified the D-to-A transition is prevented [167, 168].
Reversible modification of the specific SH-group may be
explored for possible pharmacological protection against
reperfusion-induced burst of ROS [169]. Such a protective effect of a mitochondrially-targeted nitrosylating
compound has recently been reported [170].
Complex II. Complex II (succinate dehydrogenase,
succinate:ubiquinone oxidoreductase, EC 1.3.99.1) is a
marker enzyme of the inner mitochondrial membrane. It
catalyzes one of the Krebs cycle reactions and supplies
electrons to the respiratory chain. Atomic structures of
complex II and its homolog, fumarate reductase, have
been determined [57, 171]. The enzymes are composed of
four subunits. The hydrophilic part exposed to the mitochondrial matrix or bacterial cytoplasm is formed by
FAD-containing subunit SDHA. The SDHB subunit
bears three iron-sulfur clusters. The SDHC and SDHD
subunits are hydrophobic and immersed into the membrane. They contain heme b and the ubiquinone-binding
site [57, 171]. Superoxide production by purified bovine
heart succinate dehydrogenase and also by isolated and
reconstituted complex II has been reported [172]. The
rates of superoxide and hydrogen peroxide formation by
E. coli succinate dehydrogenase and fumarate reductase
catalyzing the reduction of fumarate by menaquinol were
measured [173]. The dependence of succinate-supported
ROS formation by fumarate reductase on succinate concentration is bell-shaped [173]. At low substrate concentration the enzyme produced mostly superoxide, whereas
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at higher succinate concentration hydrogen peroxide was
mostly produced. These results have been interpreted to
suggest that superoxide is produced by flavin when the
second electron from the FAD radical can be donated to
the adjacent [2Fe-2S] iron-sulfur cluster. If the latter is
reduced (at higher succinate concentration), the second
electron is donated to preformed superoxide, and hydrogen peroxide is thus produced. Escherichia coli succinate
dehydrogenase, in contrast to fumarate reductase, generates only superoxide at 25-fold lower rate. The difference
between the products and rates of the ROS production
mediated by the enzymes apparently lies in the redox
potentials of their cofactors [171]. Iron-sulfur cluster
[3Fe-4S] in succinate dehydrogenase has significantly
higher redox potentials than in its counterpart. In contrast, the redox potential of FAD and closely located
[2Fe-2S] center of fumarate reductase are higher than
corresponding values for E. coli succinate dehydrogenase.
Under the steady-state, the mostly reduced components
of succinate dehydrogenase are [3Fe-4S] cluster and
heme b, whereas FAD and [2Fe-2S] are the mostly
reduced components in fumarate reductase [171].
The skeletal muscle mitochondrial complex II has
recently been reported to produce superoxide and/or
hydrogen peroxide at relatively high rates [174]. The specific rate versus succinate concentration dependence was
also bell-shaped with a maximum at presumably physiological (~0.4 mM) substrate concentration. Complex II
also produces ROS if ubiquinone is reduced by mGPDH
[174]. When the reaction was supported by mGPDH,
complex II-supported ROS generation was sensitive to

malonate, a competitive inhibitor of succinate binding,
and atpenin, a Q-binding-site inhibitor [174]. Recently
published data indicate that complex II is partially
responsible for the succinate-supported ROS generation
in the presence of rotenone [175] – activity previously
ascribed as complex III-dependent.
Complex III. The mitochondrial ubiquinol:cytochrome c oxidoreductase (complex III, b-c1 complex,
coupling site 2, EC 1.10.2.2) catalyzes oxidation of
ubiquinol by cytochrome c coupled with transmembrane
proton translocation and ∆p formation. In prokaryotes,
the reaction is catalyzed by a three-subunit “minimal”
complex composed of cytochrome b, cytochrome c1, and
iron-sulfur protein [176, 177]. The mitochondrial
enzyme contains an additional 8 subunits [178-181]. The
membrane-bound complex exists as a dimer reacting with
cytochrome c [178-181]. The core of each monomer is
formed by hydrophobic polypeptide bearing two hemes,
low potential (bL) and high potential (bH) located closed
to the outer and inner surface of the coupling membrane,
respectively. Cytochrome c1 and iron-sulfur protein
(Rieske protein) are held by transmembrane helixes, and
their peripheral domains where redox groups are located
are exposed to hydrophilic intermembrane space. Rieske
proteins provide cross interaction within the dimer; its
membrane-located part is bound to one monomer,
whereas the peripheral with the other one [58]. The protein is conformationally mobile; it occupies at least three
distinct positions where its iron-sulfur cluster is located
either in close vicinity to heme c1 (c1-position) or to heme
bL (b-position) or in between [179, 180, 182].

Intermembrane
space
6a

6b

Matrix

Fig. 4. Proton motive force generation by complex III. See text for explanation.
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The mechanism of complex III-catalyzed ∆p formation (proton-motive Q cycle) was originally proposed by
Mitchell [183, 184]. Its contemporary version is schematically depicted in Fig. 4. The first step is oxidation of
ubiquinol at site Qo where the two electrons bifurcate, one
reducing the iron-sulfur cluster of Rieske protein (reaction
1) and the other being transferred to heme bL (reaction 2).
Two protons are released in the intermembrane space per
ubiquinol oxidized at site Qo. The iron-sulfur cluster
sequentially reduces cytochrome c1 and cytochrome c,
the terminal electron acceptors (reactions 3 and 4).
Reduced heme bL donates an electron to heme bH located
at the opposite side of the membrane (electrogenic step of
the overall reaction, reaction 5) in close vicinity to the
other ubiquinone-binding site Qi. One-electron oxidation
of heme bH by ubiquinone results in ubisemiquinone formation at Qi (reaction 6a). Two possible mechanisms of
electron bifurcation at site Qo are under discussion [185].
The reactions 1 and 2 may proceed sequentially, thus producing an ubisemiquinone intermediate [186]. The alternative possibility is that cooperative, synchronous oxidation of ubiquinol by the iron-sulfur cluster and heme bL
takes place without semiquinone formation [187-191]. In
the second half-reaction, ubiquinol is oxidized at the Qo
site followed by reactions 1-5, and ubisemiquinone is
reduced at site Qi, coupled to uptake of two protons from
the matrix space (reaction 6b). Oxidation of one
ubiquinol molecule by two cytochrome c molecules and
translocation two protons from the matrix to intermembrane space is the net result of the catalytic cycle.
The ubiquinol:cytochrome c reductase reaction is
reversible [189], and special mechanisms exist to prevent
some undesirable short circuiting reactions [190]. The
obligatory bifurcation of electron flow at site Qo required
for the proton translocation is achieved by the movement
of the iron-sulfur cluster from b-to-c1 position [185, 192].
Another possibility is that ubiquinol at site Qo can be oxidized only when both iron-sulfur cluster and heme bL are
oxidized, and ubiquinone reduction at site Qi proceeds
only when these redox components are reduced [189,
190]. The dimeric structure that operates by the half-ofthe-sites reactivity mechanism apparently plays an
important role in prevention of electron short circuiting
reactions [193-195].
The site of ROS production by complex III is
believed to be ubisemiquinone formed at site Qo [185,
196, 197]. The rate of superoxide production by complex
III is substantially lower than that mediated by complex I.
The ROS production by purified complex III is increased
by heat treatment or by protein kinase K digestion [198].
Knock-out of the cytochrome c1 encoding gene increases
ROS production, whereas mutations that restrict conformational mobility of Rieske protein result in decreased
activity [199, 200]. Antimycin A and other Qi-site
inhibitors strongly stimulate superoxide generation [53].
Also, stimulation is seen if electrogenic electron transfer

between hemes bL and bH across the coupling membrane
is limited by ∆p [201]. The rate of superoxide formation is
maximal if 25-30% of the mitochondrial ubiquinone is
oxidized [202]. It has been proposed that superoxide is
formed when ubiquinone binds at site Qo and is reduced
to ubisemiquinone by heme bL in the reverse electron
transfer reaction [185, 196, 202]. This proposal has been
experimentally confirmed in studies of mutants of
Rhodobacter capsulatus [199, 200].
Another mechanism of superoxide production by
complex III has been proposed by Yu et al. [198, 203].
They have shown that the ubiquinol:cytochrome c reductase activity of R. sphaeroides complex III is decreased
about 2-fold due to a decreased rate of heme bL reduction
when the enzyme operates under anaerobic conditions
[203]. According to the authors, oxygen participates in
the catalytic activity by accepting an electron from
ubiquinol, and protonated superoxide donates an electron to heme bL. This proposal agrees with data showing
the presence of a cavity located between heme bL and the
ubiquinol-binding site that binds a xenon molecule, imitating oxygen binding [203].
Complex III generates superoxide at both sides of
the membrane [46, 204], this observation apparently contradicting the hypothesis on superoxide formation at site
Qo. To explain this phenomenon, Muller et al. [204] proposed that protonated superoxide generated at site Qo
leaves the site via a hydrophobic channel, which provides
equal distribution of the product between the inner and
outer space.
Dihydrolipoamide dehydrogenase. Dihydrolipoamide
dehydrogenase (DLDH, lipoamide dehydrogenase,
lipoamide reductase, Straub diaphorase, E3, EC 1.8.1.4) is
a member of large family of flavin-containing thiol-disulfide oxidoreductases including glutathione-, mercury, and
thioredoxin reductases. Some of these proteins, such as
glutathione reductase, are the most-studied redox
enzymes and are used in biochemistry textbooks to illustrate several aspects of biological catalysis [205]. DLDH is
ascribed as a moonlighting protein capable of, besides its
major function, several non-canonical activities such as
proteolytic [206], quinone reductase [207], acyltransferase
[208], and recently rediscovered ammonium-dependent
hydrogen peroxide generation [209]. The enzyme is an
FAD-containing component of the complexes catalyzing
the terminal step in oxidative decarboxylation of α-oxoglutarate, pyruvate, branched-chain oxoacids [210, 211],
and glycine [212], i.e. NADH reduction by the dihydrolipoamide moiety covalently bound to the dihydrolipoamide acyl transferase protein (E2-component of
the above-listed holoenzymes). Homologs of DLDH are
widespread in bacteria, fungi, and higher eukaryotes [213].
Free DLDH was found in the mitochondrial matrix along
with the bound form [214]. Surprisingly, DLDH has been
found in some organisms lacking of NAD+-dependent
dehydrogenases of α-oxoacids [215, 216].
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The enzyme is a homodimer of 51-kDa subunits. The
active site of each monomer is made up of a pyridine
nucleotide-binding region, where FAD and catalytically
active disulfide are located [213, 217]. The reduction of the
active site disulfide bond by dihydrolipoamide, sequential
FAD reduction, and hydride transfer from the reduced
flavin to NAD+ are the catalytic steps of the overall reaction [218, 219]. These steps are readily reversible, in contrast to the irreversible decarboxylation step of the overall
dehydrogenase reaction. Isolated DLDH catalyzes NAD+
reduction by dihydrolipoamide as well as NADH oxidation
by oxidized lipoamide with comparable turnover numbers.
Intact or permeabilized brain mitochondria have
been shown to catalyze α-oxoglutarate oxidation-supported ROS production [220]. Purified cardiac α-oxoglutarate and pyruvate dehydrogenases are capable of superoxide [221] and/or hydrogen peroxide production [220,
222, 223]. The significance of DLDH-mediated mitochondrial ROS production was supported by studies of
heterozygous knock-out mice deficient in DLDH
(DLDH+/–) [220]. Their mitochondria showed 2-fold
lower ROS production during α-oxoglutarate oxidation
[220]. Although the rates of oxoacid oxidation by purified
α-oxoglutarate dehydrogenase complex (OGDHc) and
pyruvate dehydrogenase complex (PDHc) in the presence
of NAD+ are almost the same, the rate of ROS production in the presence of α-oxoglutarate is about twice that
observed in the presence of pyruvate [220]. ROS production by purified OGDHc is reciprocally controlled by
NAD+/NADH ratio: when it is low, the rate of oxoacid
oxidation is low and H2O2 production is high [223].
About half of hydrogen peroxide produced by permeabilized heart mitochondria during NADH oxidation
originates from complex I, and the other half is produced
by DLDH [35]. DLDH-catalyzed production is strongly
(more than 5-fold) stimulated by millimolar concentrations of ammonium, and up to 90% of the total production seen in the presence of ammonium originates from
DLDH [35]. Purified bovine and pig heart DLDH and
the recombinant human heart enzyme also catalyze
NADH-supported ammonium-dependent hydrogen
peroxide production, whereas their “physiological”
NADH:lipoamide reductase activity is insensitive to
ammonium [224]. No data on the significance of ammonium stimulation under physiologically relevant conditions are available. It is expected that operation of
ammonium-producing intramitochondrial enzymes
such as glutaminase, glutamate dehydrogenase, AMP
deaminase would increase generation of ROS. Poorly
understood toxicity of ammonium may at least be partially due to its activating effect on DLDH-supported
ROS production.
The role of OGDHc in oxidative stress is under vivid
discussion (see reviews [225-227]). Being the source of
hydrogen peroxide, the enzyme itself is damaged by ROS
[221].
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NOTES ON PHYSIOLOGICAL
AND PATHOPHYSIOLOGICAL SIGNIFICANCE
OF MITOCHONDRIAL ROS PRODUCTION
An increase in atmospheric oxygen in the history of
the Earth has resulted in great improvement of energetics
of life and, on the other hand, in the necessity for protection against undesired deteriorating oxidative reactions.
Two strategies could be used to solve the problem. One is
to develop individual protective mechanisms for many
potentially reactive oxidoreductases containing flavins
and/or iron-sulfur centers by the specific arrangement of
their protein structure including additional subunits that
have no other than protective functions to avoid any ROS
production. The other possibility is to create a “general
defense system” – specific enzymes rapidly converting
inevitably formed ROS to water. It seems the latter alternative was used during evolution. Numerous experimental data show that almost all flavo- and iron-sulfur proteins, including those knowingly not operating as oxidases, do react with oxygen, thus producing either superoxide or hydrogen peroxide. In other words, their specific
protection is not perfect. This is compensated by the
widespread presence of SODs, peroxidases, and catalase
even in mitochondria where ROS production under artificially “optimal” conditions is very small compare with
their oxygen consuming activity. Does the mitochondrial
ROS production have any physiological function?
Numerous papers have recently appeared in the literature
where signaling cascade reactions with the participation
of hydrogen peroxide are suggested and discussed (see for
example review [12]). Note should be made that signaling
molecules are defined, in contrast to metabolites, as those
that bind to a receptor and induce its structural change
without chemical transformation of the signaling molecule.
The structural change of a receptor then results in activation (or inhibition) of some metabolic pathways. Many
hormones, second messengers (c-AMP, Ca2+) and protein factors are true signaling molecules. Certainly, if
expanded (unjustified in our opinion), the meaning of
“signaling molecule” term could be applied to any
metabolite. The mechanism of hydrogen peroxide “signaling” postulated in most schemes is a trivial non-enzymatic oxidation of deprotonated sulfhydryl groups that
results in their catalytic (or signaling) activities. An obvious shortcoming of those schemes is that no target protein-specific peroxidases are postulated. It appears that if
a regulatory signaling cascade does exist, all its steps must
be enzymatically catalyzed, as is evident for the classic
cascade regulation of glycogen metabolism.
Other aspect worth brief discussion relevant to physiological significance of the mitochondrial ROS production is its dependence on oxygen concentration. In contrast to the cytochrome oxidase reaction, which has an
apparent Km for oxygen significantly lower than its
physiologically conceivable concentration (about 5-fold
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less than that in air-saturated aqueous solutions at normal
pressure [228]), the specific activities of both “major”
mitochondrial ROS generators (complex I [43, 131, 148,
149] and DLDH [146]) are simply proportional to oxygen
concentration. Hydrogen peroxide formation by intact
mitochondria is also a first-order process even under
hyperoxic conditions [43]. Hyperbolic or other complex
kinetics of the mitochondrial ROS production might be
expected if it does have physiological function. On the
other hand, simple proportionality of ROS formation to
oxygen concentration may be used as an ideal oxygen
sensing mechanism. Mammals have an extremely complex and well-developed hypoxia sensing system [229,
230], whereas the quantitatively major oxygen consumer,
the mitochondrial respiratory chain, is not sensitive to
oxygen concentration down to its very low level. The
activities of ROS-producing enzymes may function as the
primary sensors of oxygen. Interestingly, a special oxygensensing system exists – the α-oxoglutarate-dependent
proline hydroxylase reaction participating in formation of
so-called HIF (Hypoxia-Induced Factor) [231, 232].
The widespread opinion that mitochondria are the
major source of ROS is apparently based on the fact that
mitochondria are, indeed, the major consumers of oxygen. This can be exemplified by citing D. Harman, who
wrote: “Mitochondria would be expected to be particularly subject to free radical induced change as over 90% of
oxygen utilization by mammals takes place in them” [8].
We disagree with that and other similar statements.
Mitochondrial respiration inevitably decreases, not
increases, local concentration of oxygen in the vicinity of
the centers potentially capable of ROS production. This
would result in a decrease in ROS generation because of
its first-order dependence on oxygen. Unfortunately, an
extremely important general problem of valid quantitative
determination of the intracellular oxygen concentration
is not yet solved.
The rates of ROS production in mitochondria under
“optimal” conditions correspond to only a very small percentage of their normal oxidase activity (~5 nmol/min
per mg of protein). One milligram of the mitochondrial
protein corresponds to approximately 1 µl of matrix water
[233, 234]. If we consider the inner mitochondrial membrane as not permeable or poorly permeable to hydrogen
peroxide, the specific activity of ROS-producing enzymes
would result in a formation of 5 mM hydrogen peroxide
after 1 min of normal respiration! Certainly, permeability
for hydrogen peroxide and the presence of peroxidases
and catalase are not accounted for in such an approximation. Nevertheless, possible gradients of hydrogen peroxide concentration between the mitochondrial matrix and
cytoplasm cannot be neglected. A quantitative comparison of intact and permeabilized mitochondria suggests
that all major activities (substrate oxidation and coupled
ATP synthesis) are strictly limited (controlled) by the
specific carriers [37].

ROS-producing activities of complex I and DLDH,
the major generators, depend on the matrix redox potential, i.e. NAD+/NADH ratio [146]. The concentrations
of free pyridine nucleotides in the mitochondrial matrix
are not known. Their total amount in heart mitochondria
can be approximated as 4-7 nmol per mg of protein [235240], values corresponding to 4-7 mM concentration. It
could thus be assumed that nucleotide-binding sites of
complex I and DLDH are saturated. However, many
NAD+-dependent dehydrogenases are present in the
mitochondrial matrix, thus making determination of true
free concentrations of nucleotides an unsolved problem
important for general understanding of mitochondrial
metabolism. The intramitochondrial NAD+/NADH
ratio is determined by their functional state, as demonstrated in classical papers by Chance [154] and
Klingenberg [238]. The physiologically relevant
NAD+/NADH ratio in liver mitochondria was approximated as about 8 [239]. In isolated cardiomyocytes
respiring on 10 mM glucose [241] or in heart perfused by
10 mM glucose, this ratio is closed to 1 [242]. Thus,
apparent redox potential in the matrix is significantly
higher than that conventionally used in model experiments on ROS production. It appears that in vivo mitochondrial ROS production is many-fold lower than measured under “optimal” conditions. In recent years, the
term “∆p-dependent ROS-production” is frequently
used. This assumes that membrane energization and deenergization increases and decreases ROS production,
respectively. We believe that this terminology may be misinterpreted by a reader only superficially familiar with
mitochondrial bioenergetics. The production of ROS
depends on the amount (concentration) of the reactive
sites and their oxygen accessibility. The steady-state
NADH/NAD+ ratio, indeed, is decreased when respiration is activated by ADP (small drop of ∆p) or by uncoupler (complete dissipation of ∆p). The same is true for the
ubisemiquinone/quinone couple, the most likely producer of ROS by complex III. It is important to understand
that ∆p itself does not affect the generation rate, rather it
influences redox state of the oxygen reactive sites. The
inhibitory effects of ADP and uncouplers on ROS production were demonstrated by Chance et al. as early as
1956 [48]. No correlation between membrane energization and ROS production exists; for example, rotenone
and/or antimycin A stimulate mitochondrial ROS production, whereas either inhibitor completely de-energizes
membranes. It may appear that this note is a matter of
semantics; however, the expression “energy-dependent
ROS generation” may easily lead to misinterpretation of
the experimental data. Redox-dependent ROS production seems to more appropriately describe the real events.
There is no doubt that a number of enzymes, particularly those located in mitochondria, do produce hydrogen peroxide directly or via intermediately formed superoxide. The enzymes utilizing superoxide and hydrogen
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peroxide are frequently considered as an “antioxidant
defense system”, and generation of ROS as an evolutionarily unfavorable leakage reaction (except for NAD(P)H
oxidases, which perform a clearly defined function). An
alternative view is that hydrogen peroxide is a normal
metabolic intermediate that fulfills some important not
yet clear functions. If a “leakage” hypothesis and
“antioxidant defense system” are to be accepted, many
more or less experimentally justified efforts to improve
the defense (antioxidant drugs, particularly those mitochondrially targeted [243-245]) are certainly warrant. On
the other hand, if the alternative view is correct the use of
so-called antioxidant drugs may result in unfavorable
consequences.
When discussing physiological and pathophysiological “oxidative stress”, one should keep in mind possible
metabolic effects of “reductive stress” [246, 247].
Obvious consequences of “overreduction” would be: 1)
abnormal anabolic activity including malignant growth;
2) an increase in fatty acid and fat biosynthesis; 3) disorder of amino acid transport systems (participation of glutathione in the γ-glutamate cycle [248]); 4) a decrease in
normal insulin level due to an increase in the insulin:glutathione transhydrogenase reaction [249, 250]. Last, not
the least consequence of reductive stress is a possible paradoxical activation of ROS production. As emphasized,
the activities of all known ROS generators are sensitive to
and determined by the NAD(P)+/NAD(P)H ratio. A
decrease in the cellular redox potential (overreduction of
pyridine nucleotides) would inevitably result in increase
in ROS production.

CONCLUDING REMARKS
In this review we have described phenomenological
characteristics of mitochondrial ROS production and
some thoughts concerning its physiological significance.
What are the most important topics for further studies in
this field?
The search for reliable quantitative information
about the rates of ROS production, decomposition, and
steady-state concentration for isolated enzymes and for
such a complex system as mitochondria or cells are greatly hampered by the absence of simple methods for their
assay. Analytical biochemistry of ROS seems to be important area needing further development.
Some thoughts about reductive stress make promising the search for new specific or moonlighting ROS generators. It is expected, for example, that some classical
participants of the antioxidant defense system such as
glutathione reductase, similarly to its close relative
DLDH, would be able to produce ROS under low redox
potential conditions.
Despite countless published papers that suggest
explicitly or implicitly the signaling functions of ROS, no
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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direct evidence comparable to those established for true
signaling molecules (cAMP, Ca2+, NO) have been
obtained. Proof for this intriguing but still hypothetical
function of ROS seems to be an important area of further
studies in the field.
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V. Gladyshev, and B. V. Chernyak for their most helpful
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