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Abstract—ATP synthases (FoF1-ATPases) of chloroplasts, mitochondria, and bacteria catalyze ATP synthesis or hydrolysis
coupled with the transmembrane transfer of protons or sodium ions. Their activity is regulated through their reversible inactivation resulting from a decreased transmembrane potential difference. The inactivation is believed to conserve ATP previously synthesized under conditions of sufficient energy supply against unproductive hydrolysis. This review is focused on the
mechanism of nucleotide-dependent regulation of the ATP synthase activity where the so-called noncatalytic nucleotide
binding sites are involved. Properties of these sites varying upon free enzyme transition to its membrane-bound form, their
dependence on membrane energization, and putative mechanisms of noncatalytic site-mediated regulation of the ATP synthase activity are discussed.
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In chloroplasts, mitochondria, and bacteria the final
step of energy transformation is performed by a special
polypeptide complex termed ATP synthase (FoF1ATPase) through coupling of transmembrane proton
(sodium ion) transfer with phosphorylation of adenosine
diphosphate. In the course of evolution, to satisfy the
demand for adaptation of the energy machinery to varying conditions, this complex acquired gene-encoded regulatory mechanisms responsible for modulation of its
catalytic activity. The principles of operation of these
mechanisms cannot be understood without knowledge of
the molecular structure of ATP synthase. To date, the
best-studied structures are those of mitochondrial and
bacterial ATP synthases [1-5]. Studies on chloroplast
ATP synthase structure are much less advanced, which
can be explained mostly by difficulties of its crystallization. The situation is improved by the fact that ATP synthase complexes of different genesis have the same minimal subunit composition and are quite homologous to
one another, which determines similarity of their principle functions.
The common feature of all ATP synthases is their
reversible inactivation occurring at decreased transmembrane difference of proton potentials (energy-dependent
Abbreviations: AMP-PNP, 5′-adenylyl-β,γ-imido diphosphate;
FSBA, 5′-p-fluorosulfonylbenzoyladenosine.

regulation). This inactivation is believed to protect ATP
previously synthesized in conditions of sufficient energy
supply against unproductive hydrolysis. Both overall and
specific regulatory mechanisms of various organelles are
realized according to this type of regulation. The overall
mechanisms are represented by nucleotide-dependent
regulation of the ATPase activity of ATP synthases. The
specific mechanisms differ in involvement of the ε-subunit (chloroplasts, bacteria), the IF1-subunit (mitochondria), and their sensitivity to ATP. In chloroplasts, there is
a specific regulatory mechanism that depends on the stroma redox potential and is realized through the redox reaction between endogenous thioredoxin and the γ-subunit
disulfide bond (thiol-dependent regulation) (for more
details, see [6-9]). The ATP synthases contain three catalytic nucleotide-binding sites and three other sites
termed as “noncatalytic” because of their extremely low,
catalysis-incompatible rate of nucleotide–medium
exchange [10]. This was the reason for their long being
beyond the scope of research. Regular investigation of
their properties was begun by Boyer’s team in 1987 [11];
to date, extensive experimental results in this field have
been published. This review presents description, generalization, and analysis of properties of noncatalytic
nucleotide binding sites and offers putative mechanisms
of their involvement in nucleotide-dependent ATP synthase regulation.
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ATP SYNTHASE STRUCTURE
AND PRINCIPAL FUNCTIONS
Chloroplast, mitochondrial, and bacterial ATP synthases are of the FoF1-ATPase type. They have a watersoluble peripheral part (F1) and a membrane part (Fo). F1
is composed of alternating three α- and three β-subunits
arranged around a double helix of the γ-subunit, plus one
δ- and one ε-subunit (Fig. 1). The composition and number of subunits in the membrane part vary depending on
the genesis of the organelle. The c-subunits range in number from eight (ATP synthase of animal mitochondria) to
15 (cyanobacterium Spirulina platensis) [12, 13].
Chloroplast ATP synthase incorporates a single subunit of
types I, II, and IV and 14 subunits of type III [14, 15],
which correspond to b-, b′-, a-, and c-subunits of bacterial ATP synthase, respectively. At the interface between
α- and β-subunits there are three catalytic and three noncatalytic sites. The latter are formed mostly by amino acid
residues of the α-subunit, while the former by those of the
β-subunit [11, 16].
During ATP synthesis, energy transformation occurs
as a two-step event. The first step consists in transmembrane proton transfer performed by the hydrophobic part
(Fo) of the ATP synthase complex. Then the transmembrane difference in proton electrochemical potentials is
transformed into mechanical energy of rotation of the
“rotor”, i.e. a block of c-subunits associated with the γand ε-subunits [17, 18]. Its rotation relative to the immobile stator presented by α3β3δabb′-subunits is caused by
consecutive protonation/deprotonation of a conserved
carboxyl group in each c-subunit. A more detailed
description of the Fo structure and the mechanism of proton transfer coupling with c-block rotation is given in
[19]. At the other step, specific amino acid residues of the
rotating γ-subunit consecutively interact with amino acid
residues of each β-subunit, thereby inducing conformational changes of the catalytic sites; in turn, this provokes
ADP- and phosphate binding followed by their conversion, to give ATP with its subsequent dissociation.
Rotation of the heterohexamer α3β3 (caused by the γ-subunit rotation) is prevented by interaction of an α-subunit
with the δ-subunit tightly bound to the membrane-fixed
b-subunits (Fig. 1) [20]. Thus, at the last step, mechanical energy of the “rotor” is converted into chemical energy of ATP high-energy bonds. ATP hydrolysis causes
reverse rotation of the “rotor”, thereby accordingly redirecting the transmembrane proton transfer.
An important prerequisite to the high catalytic activity of FoF1-ATPase is cooperative functioning of its catalytic sites that allows using the substrate binding energy
for dissociation of reaction products (energy recuperation
system) [21-23]. A comprehensive scheme of cooperative
catalysis involving three catalytic sites and diagrams of
varying energy levels of the enzyme in the course of the
reaction are presented in [24-26]. As reported elsewhere
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Fig. 1. Model of FoF1-ATPase.

[27, 28], transition from cooperative to single-site catalysis (with substrate/enzyme <1) accelerates the reaction
rate by 5-6 orders of magnitude. It is generally agreed that
cooperation of reaction steps occurring at the three catalytic sites is provided by the rotating γ-subunit. However,
the difference between activities of F1 subcomplexes with
(α3β3γ) and without (α3β3) this subunit is much less [29,
30]. This suggests involvement of α- and β-subunits
whose interactions may additionally contribute to cooperative functioning of the catalytic sites. The suggestion is
supported by the recently reported consecutive conformational changes of β-subunits that accompany ATP
hydrolysis by γ-deficient enzyme [31].

Nucleotide-Dependent Activation/Inactivation
of FoF1- and F1-ATPases
A decrease in transmembrane proton gradient
induces reversible Mg2+- and ADP-dependent inactivation of FoF1-ATPases of different origin [32-35]. In the
case of isolated F1-ATPase with ADP tightly bound at a
catalytic site, the inactivation is initiated by Mg2+ added
to the medium [36-43]. Inorganic phosphate, ATP, and
some oxyanions stabilize activity of FoF1-ATPases and
provide transition of inactive F1-ATPases into their active
state [32-34, 36, 38-46]. Complete activation of FoF1ATPases can be achieved at increased transmembrane
proton potential. The inactivation/activation shows clear
correlation with ADP tight binding/dissociation from a
catalytic site [38, 47-50].
Isolated chloroplast coupling factor (CF1) used as a
model for inactivation studies by pre-steady state kinetics
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showed that its inactivation was accompanied by differentiation of functions of its catalytic sites: one of these tightly bound MgADP, another − MgATP, while the third one
lost its affinity for nucleotides [42]. This finding was supported by X-ray analysis of the mitochondrial coupling
factor MF1 [51].
It is believed that the ability to tightly bind MgADP,
and hence to be inactivated, is determined to a large
extent by asymmetric interactions of the γ-subunit with
each of the three F1 β-subunits; specifically, samples with
deleted γ-subunits failed to be inactivated by MgADP
[52]. On the other hand, pre-steady state kinetics of ATP
hydrolysis suggested that tightness of MgADP-to-catalytic site binding, and hence the degree of inactivation,
depends on ATP binding to noncatalytic sites [53, 54].
The need to find the mechanism of Mg2+- and ADPdependent regulation of FoF1-ATPase activity dictates the
demand for better knowledge of the properties of the
noncatalytic sites.

STRUCTURE AND PROPERTIES
OF F1-ATPase NONCATALYTIC SITES
Structure of F1-ATPase Noncatalytic Sites
The structure of F1-ATPase noncatalytic sites bears a
considerable similarity to that of catalytic sites, although
it is composed mostly of amino acid residues belonging to
the α-subunit. Both catalytic and noncatalytic sites are
located at the interface between α- and β-subunits, and
the following elements are common to them: (i) a Tyrcontaining domain responsible for interaction with the
adenine part of nucleotides (for noncatalytic sites of
mitochondrial F1, this is βTyr368 [51]); (ii) a positively
charged lysine residue (αLys175) that interacts with negatively charged oxygen atoms in the polyphosphate part of
nucleotides; (iii) a threonine residue (αThr176) responsible for binding a magnesium ion that in turn interacts
with the polyphosphate tail of ADP or ATP. Lys175 and
Thr176 are elements of the P-loop, also called the Walker
A motif (GXXXXGKT/S) that is typical for nucleotidebinding proteins [55, 56]. Through a water molecule, the
magnesium ion is also bound to αAsp269 that belongs to
another conserved sequence, that is, the Walker B motif
[56]. Among other site-forming residues, αGln208 and
βGlu188 occupy the same position at noncatalytic and
catalytic sites, respectively. The latter is believed to be
directly involved in catalysis as a Lewis base. Substitution
of an amino group for oxygen in αGln208 and the side
chain orientation opposite to that of the γ-phosphate
probably explain the lack of catalytic activity shown by
the noncatalytic sites. This is consistent with the fact that
this activity can appear as a result of directed mutagenesis-induced substitution of glutamine acid for a glutamine
residue [57].

Properties of F1-ATPase Noncatalytic Sites
In studies of properties of noncatalytic sites, the pivotal role was played by a technique developed for assessment of selective nucleotide binding to these sites. The
technique is based on the significant difference between
the nucleotide exchange rates at the catalytic and noncatalytic sites. The assessment is a three-step procedure; its
first step is filling of all sites with radioactive nucleotides,
the second is selective nucleotide replacement at the catalytic sites by non-radioactive ATP (“chase”) in the
course of the ATPase reaction, and the last step is rapid
(as compared to the nucleotide exchange rate at noncatalytic sites) removal of free nucleotides from the reaction
mixture using forced gel filtration followed by quantitation of tightly bound nucleotides from sample radioactivity [58-61]. Another method of assessment of nucleotide
incorporation into noncatalytic sites was proposed later
[62]; it used tryptophan introduced by directed mutagenesis to assess its fluorescence quenching at noncatalytic
sites caused by nucleotide binding.
Nucleotide–noncatalytic site interactions. Noncatalytic sites of F1-ATPases of different origin can bind as
many as three molecules of ATP or two molecules of ADP
per mole of the enzyme [60-62]. The nucleotide affinity
for these sites strongly increases in the presence of Mg2+,
which is consistent with X-ray data on incorporation of
three MgATP molecules into F1 noncatalytic sites [63].
Neither free AMP nor its complex with magnesium can
bind to the noncatalytic sites [62]. Apart from adenine
nucleotides, GTP, GDP, and ITP are also capable of
binding to the noncatalytic sites, as well as such
nucleotide analogs as FSBA, AMP-PNP, 2-azido-ATP,
and 2-azido-ADP [43, 51, 64-68].
It was found that not all noncatalytic sites are functionally identical. For example, only two sites of mitochondrial F1 retain nucleotides after precipitation with
ammonium sulfate [58], and only two CF1 sites retain
nucleotides during heat activation in the presence of
ADP. In the course of enzyme incubation with ATP, the
nucleotide occupies a third (vacant) site and replaces
ADP at a second site [61]. The functional heterogeneity
of the sites probably results from certain peculiarities of
their structures. Specifically, the residue βArg372 was
found solely in the site belonging to the αE-subunit (designated according to Abrahams et al. [51]), while
βArg356 and βTyr368 were reported to be members of the
αDP-formed site.
Unlike noncatalytic sites of mitochondrial and
chloroplast F1-ATPases, the E. coli F1 sites show (according to [62, 70]) similar selectivity for ATP and ADP (for
MgATP and MgADP, Kd = 20 µM). In the absence of
information on the E. coli F1 spatial structure and kinetics, this difference cannot be unambiguously attributed to
peculiarities of the experimental approach [71], quality of
the enzyme sample used, or species specificity of F1. It is
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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noteworthy that heterogeneity of the E. coli F1 noncatalytic sites was reported by Hyndman and colleagues who
found that separately, ADP and ATP could bind to only
two sites, while together, they could occupy all the three
noncatalytic sites [72].
Heterogeneity of the noncatalytic sites of dithiothreitol-activated CF1 is clearly manifested in nucleotide
binding kinetics. As follows from analysis of the kinetics,
nucleotide binding involves both a rapid reversible stage
and a slow poorly reversible one [73]. For the rapid stage
(K1), equilibrium constants of two CF1 noncatalytic sites
range from 1 to 9 µM, with one of these showing higher
affinity for ATP and the other for ADP. The tight binding
rate constants (k2) range from 0.1 to 6.7 min–1, showing
an 8-fold difference between the sites for ATP binding
and a 50-fold difference for ADP binding. The kinetics of
nucleotide dissociation is described by the first order
equation and characterized by dissociation rate constants
(k3) 1·10–3 min–1 (ATP) and 1.5·10–1 min–1 (ADP) without notable difference between the sites [73]. The third
noncatalytic site of CF1 was occupied by endogenous
ADP and, unlike that of heat-activated enzyme [61],
showed no nucleotide exchange with the medium. These
data yielded the following scheme of interaction between
nucleotides and CF1 noncatalytic sites:
K1

k2

k3

AT(D)P + CF1 ↔ AT(D)P·CF1 → AT(D)P > CF1 → AT(D)P + CF1.

Oxyanion–noncatalytic site interactions. Interest in
interactions between F1-ATPases and oxyanions has been
mostly inspired by the ability of some oxyanions (sulfite,
bicarbonate, borate, phosphate, etc. [41, 44, 74, 75]) to
reactivate MgADP-inactivated enzymes. The literature
demonstrates that oxyanions can bind to both catalytic
and noncatalytic sites. Their binding to catalytic sites is
supported by competition between sulfite and phosphate
during phosphorylation [76, 77], sulfite-induced inhibition of the initial stage of pre-steady state kinetics of ATP
hydrolysis (without MgADP inactivation) [78], and
incorporation of a sulfate or phosphate ion into the spatial structure of one of the three F1 catalytic sites [79, 80].
Oxyanion binding to noncatalytic sites is indicated by
suppression of nucleotide incorporation into these sites
by sulfate, sulfite, and some other hydrolysis-stimulating
oxyanions [60, 81, 82]. The ability of oxyanions to bind to
sites of both types raised a question as to binding to what
site (or special site) causes enzyme reactivation. An
analysis of the pre-steady state kinetics of Mg-dependent
ATP hydrolysis by CF1-ATPase showed that the sites
involved in reactivation (reaction stimulation) did not
coincide with the catalytic sites [78]. Subsequent studies
showed that the activation resulted from oxyanion interactions with noncatalytic sites. Specifically, it was found
that oxyanion (sulfite, bicarbonate, or borate) concentrations causing half-maximal activation corresponded to
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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those causing the half-maximal inhibition of radioactive
ATP incorporation into noncatalytic sites [81]. The
authors of [83] employed the ability of pyrophosphate to
selectively and tightly bind to F1-ATPase noncatalytic
sites [70, 84, 85]. The slow dissociation of PPi from CF1
(t1/2 = 14 min) allowed experiments aimed to reveal the
effect of oxyanions using CF1 free of loosely bound PPi.
Its tight binding to noncatalytic sites during preincubation suppressed the ability of sulfite and bicarbonate
oxyanions to stimulate Mg-dependent ATPase activity of
the enzyme, while pyrophosphate dissociation correlated
with restoring of this ability, thereby demonstrating competition between PPi and these oxyanions for binding to
the same site.
It was found that rate constants of ADP and ATP
dissociation from noncatalytic sites of dithiothreitol-activated enzyme (0.15 and 0.001 min–1 [73]) were much
lower than the rate constants of stimulation of MgADPinactivated enzyme by oxyanions (about 1 min–1 [78]). At
the same time, oxyanions appeared to be much weaker
competitors than ADP and ATP [81, 86]. Since both
nucleotides and oxyanions bind to noncatalytic sites, a
question arises as to how oxyanions can produce a stimulating effect at high concentrations of nucleotides in the
reaction mixture. As mentioned above, noncatalytic sites
of CF1 and ATP synthase are heterogeneous: one of these
displays high affinity for ATP, another for ADP, and a
third one shows similar efficiency in binding of the two
nucleotides [61]. The last two sites possess vacant sections
corresponding to the position of either ATP γ-phosphate
or inorganic phosphate. Because oxyanions are structurally similar to phosphate ions [87], these sections may
act as oxyanion-binding sites. Since one noncatalytic site
displays specificity to ADP, the second site capable of
interacting with both nucleotides is a likely place of
oxyanion binding. This suggestion is in agreement with
the first order of the reaction of enzyme activation by sulfite [78]. However, it should be mentioned that specificity of one of the noncatalytic sites to ADP is not absolute,
because long incubation with excess MgATP makes ATP
incorporation into all the three sites possible [61]. Hence,
at a high oxyanion concentration, its binding to the other
noncatalytic site cannot be ruled out.

Role of Noncatalytic Sites in Modulation
of Catalytic F1-ATPase Activity
Early evidence for noncatalytic site contribution to
catalytic activity of F1 followed from the findings that
covalent modification of these sites caused its inactivation
[65, 67, 68] and that ATP binding to these sites influenced
its GTPase activity [59]. (It was shown later that ATP-tononcatalytic site binding is a necessary condition for
manifestation of ATPase activity by CF1 and MF1 [60,
84].) Importantly, substitution of GTP for ATP even at
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one noncatalytic site resulted in a much lower activity
level [43, 61].
It should be noted that the concept on the functional role of noncatalytic sites is not universally supported
[70, 88, 89]. Specifically, it has been reported that site
occupancy has no effect on “single-site” catalysis of the
ATPase reaction (in conditions when only one catalytic
site is occupied due to a low substrate concentration)
[90]. The maximal reaction rate has been shown to be
unaffected [88]. The zero effect of mutation of residue
αD261N (E. coli F1 numbering) participating in magnesium binding at a noncatalytic site has been mentioned
[91], as well as the absence of difference between noncatalytic site occupation with ATP or ADP during oxidative
phosphorylation [91]. However, a detailed analysis of the
reported data and their correlation with other research
results does not rule out a functional role of the noncatalytic sites. For example, the studies of pre-steady state
kinetics of MF1 ATP hydrolysis showed that the hydrolysis-stimulating effect of noncatalytic sites was observed
exclusively at ATP concentrations sufficient for occupancy of these sites by ATP. This stimulation contributed to
disappearance of the effect of negative cooperativity
(increased Km caused by abnormal reaction acceleration
at 100-300 µM ATP) [53, 92]. The absence of the effect
of noncatalytic site occupancy by ADP on the reaction
rate described in [88] could probably be explained by
closeness of the incubation time to the rate of bound
ADP/ATP exchange. Mutation of the αD261N residue
might slow ATP binding to noncatalytic sites but not stop
it [93]. Finally, a 2-3-fold acceleration of ATP synthesis
by thermophilic bacterial ATP synthase in proteoliposomes under conditions of occupancy of noncatalytic
sites with ATP has been demonstrated [94].
An analysis of pre-steady state kinetics of ATP
hydrolysis by F1-ATPases showed that stimulation of the
activity caused by ATP interaction with F1 noncatalytic
sites resulted from a decrease in MgADP tight binding to
one of the catalytic sites [53, 54]. The decreased effectiveness of this interaction attained by directed mutagenesis of one amino acid residue (D261N) at a noncatalytic
site resulted in a reduced reaction rate [93], while a more
profound site modification with alanine substituted for
several residues (R175, T176, D261, and D262) ruled out
MgADP dissociation, thereby making the inactivation
virtually irreversible [92, 95, 96]. Note that the mutant
was also deprived of the oxyanion-caused activation and
dissociation of inhibitory MgADP [57].
The presented heterogeneity of noncatalytic sites
suggested certain differences in their functional roles.
However, this supposition is not wholly supported by the
literature. Bullough and colleagues [68] reported that
upon the interaction of FSBA with MF1, the effect of the
latter correlated with modification of a third noncatalytic
site, while modifications of the other two sites had no
effect on either ADP-induced inactivation or negative

cooperativity. A similar correlation was observed for reactivation of MgADP-inhibited MF1 caused by consecutive
filling of noncatalytic sites with the nucleotides [84]. A
complete inactivation of MF1-ATPase occurred after 2azido-ATP derivatization at two noncatalytic sites [67].
Pyrophosphate-induced hydrolysis stimulation was
observed after the two last noncatalytic sites had been
occupied by PPi [97]. The CF1 activity was dependent on
ATP inclusion in the noncatalytic site that had been
vacant during heat activation of CF1 in the presence of
ADP (designated as Site A). In contrast, the enzyme
activity showed no dependence on the insignificant ADPfor-ATP exchange at Site C [61]. Another research team
compared activity levels of the F1-ATPase α3β3γ-subcomplex from Bacillus PS3 possessing 1, 2, and 3 noncatalytic sites incapable of nucleotide binding [98]. A single
functioning site was found sufficient for appearance of
notable activity, while the peak was achieved with all the
three sites involved. In spite of some obvious differences,
these data are indicative of an effect of the state of noncatalytic sites on catalytic sites. However, evidence has
been provided that properties of noncatalytic sites are
dependent on the catalytic sites: during ATP hydrolysis by
mitochondrial F1 and by F1 from E. coli, dissociation of
the nucleotides from noncatalytic sites was accelerated 8and 23-fold, respectively [58, 72].

PROPERTIES OF NONCATALYTIC SITES
OF ATP SYNTHASE COMPLEXES
Properties of Noncatalytic Sites
of Isolated ATP Synthase Complexes
Isolated ATP synthase complexes can be viewed as a
transition stage between water-soluble coupling factors
(that are actually model systems) and native systems
including membrane-integrated complexes. In this situation, studies of the properties of noncatalytic sites within
isolated ATP synthase complexes are of special interest.
To date, the best-studied ATP synthase complex is that of
chloroplasts [99, 100]. The reported sample contained
three endogenous nucleotides: two ATPs at noncatalytic
sites and one ADP at a catalytic site. By varying conditions of incubation with ADP, ATP, and its covalently
binding analog 2-azido-ATP, a sample was obtained with
5 nucleotides/mole, specifically, with 3 ATPs (including
the analog) at noncatalytic sites and 2 ADPs at catalytic
sites. The noncatalytic sites differed much from one
another as to stability of their complexes with ATP: the
dissociation constant of one site was about 50 µM, that of
another was about 2 µM, and the constant value for a
third one was nanomolar. An interaction between the catalytic and noncatalytic sites was manifested by the fact
that ADP inclusion in a catalytic site promoted ATP dissociation from a noncatalytic site.
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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Analysis of peptides yielded by trypsinolysis of ATP
synthase complexes preincubated with covalently binding
radioactive 2-azido-derivatives of ADP and ATP indicated that CFoF1 noncatalytic sites incorporate ATP but not
ADP. However, this conclusion contradicts the abovedescribed ability to bind ADP shown by noncatalytic sites
of the coupling factor CF1 and by the complex of thermophilic bacteria TFoF1 [58, 70, 79, 88]. Additional evidence for the ability of CFoF1 noncatalytic sites to incorporate ADP is as follows. According to [100], up to 1520% of 2-azido-ADP was detected at noncatalytic sites in
spite of the fact that the nucleotide used for covalent
modification was 2-azido-ATP. The authors of this study
reported that prolonged incubation with EDTA turned
tightly bound ATP into ADP. It cannot be ruled out that
this amount (15-20%) of 2-azido-ADP originated from
2-azido-ATP tightly bound to the noncatalytic site. As to
their previous report [99] that no 2-azido-ADP was
detected at this site, it could probably be explained by a
much lower stability of noncatalytic site–ADP complexes as compared to those with ATP (see above) and by
ADP dissociation during free nucleotide removal by triple
gel filtration using magnesium-free eluents [61, 96].
In agreement with the data on coupling factors F1 of
different origin, nether 2-azido-ATP binding to noncatalytic sites nor covalent modification of the site component βTyr385 had any effect on CFoF1 activity under single-site catalysis conditions. However, in contrast to the
data on F1 [53, 54, 59, 61, 98] and TFoF1 [94], occupancy of all noncatalytic sites of CFoF1 with the nucleotides
had no effect on the enzymatic activity under conditions
of cooperative (three sites involved) catalysis [100].
Suppression of the cooperative catalysis was observed
only on condition of covalent binding of 2-azido-ATP;
then, to attain complete inhibition, modification of only
one site was sufficient. Accordingly, covalent modification of one site from the thermophilic bacterial ATPase
complex TFoF1 resulted in complete suppression of ATP
synthesis and hydrolysis in proteoliposomes [102]. It can
be suggested that covalent modification of βTyr385
restricted conformational mobility of the noncatalytic
site required for cooperative catalysis.

Effect of Membrane Energization
on Noncatalytic Site Properties
To learn the possible role of noncatalytic sites in regulation of ATP synthase activity, it is important to know
the effect of membrane energization on properties of
these sites. According to [73], the complex of ATP with
noncatalytic sites of isolated CF1 is quite stable (k3 =
1·10–3 min–1), which virtually rules out its involvement in
regulation of this activity. As reported in [100], membrane
energization by an artificial ∆pH/∆ψ gradient resulted in
release of a small part (about 4-6%) of 2-azido-ATP from
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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a noncatalytic site. This was attributed to the exchange
between catalytic and noncatalytic sites during ATP synthase reconstitution into liposomes and regarded as evidence that noncatalytic site properties were energizationindependent. Importantly, because the membrane energization is extremely short (about 5 s), it must be taken
into account if nucleotide dissociation from a noncatalytic site takes more than this time, and the result is within
the limits of the experimental error.
In studies of the regulatory function of noncatalytic
sites, an important step was modification of the “cold
chase” technique as applied to nucleotide binding to ATP
synthase of thylakoid membranes [101]. In principle, its
applicability was demonstrated by the finding that in the
presence of sulfite, thylakoid membranes preliminarily
activated by light and dithiothreitol provide rapid ATP
hydrolysis in the dark [45]. Using this technique, it was
shown that in the dark the level of nucleotide incorporation into noncatalytic sites of ATP synthase of thylakoid
membranes was extremely low (below 0.1 mole per mole
of ATP synthase) [101]. Comparison of noncatalytic sites
in terms of their exposure to nucleotide exchange with the
reaction mixture revealed that this characteristic depended on closeness of CF1 to its native state. Specifically,
heat-activated CF1 in the presence of ADP showed occupancy of three noncatalytic sites, in dithiothreitol-activated CF1 nucleotides occupied two sites, in isolated
CFoF1 – one site, whereas CFoF1 of thylakoid membranes demonstrated their almost complete absence.
Nucleotide incorporation into noncatalytic sites can
be many-fold increased by light-induced membrane
energization. The observed maximal incorporation was
1.6 nmol/mg of chlorophyll, which, taking into account
the reported value for CFoF1 (1 nmol/mg of chlorophyll)
[45, 103] and possible losses [104], corresponds to a value
of 2 moles per mole of enzyme. The incorporated
nucleotides were both ADP and ATP [105]. A third noncatalytic site of ATP synthase was probably uninvolved in
the energy-dependent exchange. This supposition agrees
with high stability of the noncatalytic site–ATP complex
reported for isolated CFoF1 [100] and with the fact that
the ATP synthase complex of thylakoid membranes
retained tightly bound ATP after light-induced activation
in the presence of thioredoxin and dithiothreitol followed
by free nucleotide removal [106].
Interestingly, a rather high level of dark inclusion of
nucleotides into CFoF1 was attained on condition of prior
nucleotide removal from noncatalytic sites [107]. Hence,
the pivotal step of their interaction with ATP synthase
noncatalytic sites is dissociation of the bound nucleotide.
The rate of energy-dependent dissociation notably
decreased with increasing Mg2+ concentration. With
1 mM MgCl2, the dissociation rate constants of ADP and
ATP were close to each other and amounted to 5.7 and
5.0 min–1, respectively [105]. Of note, these values are
almost two orders of magnitude lower than the rate con-
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stants of energy-dependent dissociation of ADP tightly
bound at a catalytic site [50].
Heterogeneity and interplay of noncatalytic sites
described above for coupling factors and ATP synthase
complexes of different genesis distinctly manifested
themselves under conditions of membrane energization.
At varying nucleotide concentrations in the reaction mixture and a high ATP/ADP ratio, the amount of ATP
incorporated into noncatalytic sites depended on the
amount of bound ADP. With excess ADP, this dependence was not observed [107]. The increasing ATP/ADP
ratio with their unchanged total amount resulted in a
reduced total incorporation of the nucleotides into ATP
synthase [105]. This suggests cooperative functioning of
two noncatalytic sites. ADP binding at one of them (Site
B or 5, as designated by [61] or [100], respectively) is a
prerequisite to filling the other site (Site A or 6) with ATP.
However, ADP binding to Site 6 does not require ATP
incorporation into Site 5. At similar concentrations of
ATP and ADP in the reaction mixture, the dissociation
constant of ATP-to-Site 6 binding is similar to that of
ADP-to-Site 5 binding (2.0 ± 0.3 µM). With excess ATP,
its binding to Site 6 is characterized by Kd = 33 ± 8 µM,
while this parameter for ADP binding to this site with an
excess of ADP is Kd = 38 ± 18 µM [108].
The kinetic characteristics of energy-dependent
nucleotide exchange at noncatalytic sites are quite close
to those of light-induced ATPase activation/inactivation
of chloroplast ATP synthase. Indeed, the constant of
ADP dissociation from Site 6 (38 ± 18 µM) corresponds
(within experimental error) to that of the site responsible
for suppression of ATPase activity caused by light preincubation in the presence of ADP (45 ± 12 µM) [108]. The
rate constant of inactivation (1 ± 0.2 min–1) agrees with
the time of half-maximal exchange at noncatalytic sites
(about 1 min) [107], which, in turn, is equal to the time
of light preincubation with ATP required for ATPase
activity stimulation [109]. Lastly, the constant of ATP
dissociation from the stimulation-responsible site (27 ±
2 µM) [108] is close to that of ATP dissociation from Site
6 (33 ± 8 µM). The mentioned correlations are evidence

Active form

for presumable responsibility of this noncatalytic site
(Site 6) for regulation of the ATPase activity of ATP synthase.
With the above taken into account, the following
mechanism of reversible inactivation of F1- and FoF1ATPase can be proposed (Fig. 2).
The active state of the enzyme implies ATP bound to
a noncatalytic site that is capable of interacting with both
nucleotides. Under membrane energization conditions,
the exchange of ADP for ATP causes a higher ADP affinity for a catalytic site and its tight binding, which results
in enzyme inactivation. With excess ATP, membrane
energization accelerates the ADP–ATP exchange at noncatalytic sites, thereby causing enzyme reactivation.

MECHANISMS OF INVOLVEMENT
OF NONCATALYTIC SITES IN REGULATION
OF FoF1-ATPase ACTIVITY
Dependence of catalytic activity of FoF1-ATPases on
the nature of noncatalytic site-bound nucleotides implies
the presence of molecular structures responsible for conformational signal transduction between noncatalytic and
catalytic sites. Search for these structures was based on
the ability of noncatalytic sites to influence the cooperative properties of the enzyme without affecting single-site
catalysis [54, 92]. Logically, these structures were supposed to comprise amino acid residues inherent to sites of
both types, because even slight changes in residue coordinates caused notable activity changes. It was suggested
[110] that such a structure could be represented by the
short sequence βT354-βY345 between residue αQ172
(via H-bonding with βT354) from a noncatalytic site and
residue βY345 from a catalytic site (mitochondrial F1
numbering). Additionally, this link is supported by the
αR171–βD352 salt bridge. Mutation of residue αQ172
from the Walker A motif was observed to suppress a negative cooperativity effect in ATP binding.
Another hypothesis [111] on signal transduction
between noncatalytic and catalytic sites is underlain by

Inactive form

Active form

NS
CS

Fig. 2. Scheme of inactivation/activation of chloroplast CF1-ATPase. NS and CS, noncatalytic and catalytic sites, respectively; ADPtb, tightly bound ADP. Empty box denotes either a vacant catalytic site or a site with loosely bound ATP. The proportion of these states is ATP concentration-dependent.
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Fig. 3. Amino acid sequences linking a catalytic site (CS) with a noncatalytic site (NS). Conserved residues are shown in black. (Adapted from
[111]).

the notion that separate parts of a protein molecule possess special degrees of freedom and can perform transduction of the conformational signal without energy losses from one part of the molecule to another (by analogy
with a coated wire rope) [112]. Minimal energy dissipation occurs on condition of a minimal linker length. This
requirement is met by inner sequences whose length is
close to the minimal distance between a catalytic and a
noncatalytic site. According to [51], for mitochondrial F1
this distance is 27 Å. Hence, with an average amino acid
length of 3.6 Å [113], a sequence that links neighboring
nucleotide binding sites must include at least eight amino
acid residues, or more, with protein packing density taken
into account. One of such sequences is the β-subunit segment between Y345 and R356, which is quite similar to
the sequence described in [110] (Fig. 3).
The virtually perfect identity of β-subunit sequences
of different genesis within this segment is indicative of its
conserved nature (Fig. 3). It meets the requirement of
energy conservation during impulse transduction from its
one end to the other [112] because all its residues, except
D352, are not involved in Coulomb interactions with
neighboring residues, and D352 through its interaction
with R171 can pass a signal to Q172 that shares with R356
a position at the phosphate end of a nucleotide within the
same noncatalytic site. Residue Y345 is the member of a
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013

catalytic site [51], where its position is closer than 3.5 Å
from the purine part of adenine nucleotide (Fig. 4a).
Residue R356 belongs to a noncatalytic site and is located at a similar distance from ATP γ-phosphate.
Supposedly, Y345 provides hydrophobic environment of
adenine [70, 114]; the energy of its interaction with ATP
is 1.5 kcal/mol [70]. Environmental hydrophobicity
increased by phenylalanine substitution for tyrosine causes a decrease in MgADP-dependent inactivation of the
enzyme [114]. Still lower inactivation was observed as a
result of replacement of ATP by ε-ATP showing higher
hydrophobicity [115]. Evaluation of the Y345 replacement effect on catalytic activity revealed a role of the
residue size (affinity decrease in the order of Tyr > Leu >
Ala was more than 10-fold) [116]. The effect of R356
replacement by other residues has not been examined,
although it is worth noting that its homolog αR373 similarly located at a catalytic site showed elevated mobility (a
shift by 1.5 Å) upon ATP–ADP exchange [70].
In the context of the proposed mechanism, the stimulating activity of ATP and oxyanions can be explained as
follows. Upon ATP binding to a noncatalytic site, the
appearance of γ-phosphate can result in a changed position of R356. This motion is imparted via S355-P346 to
Y345. The protein packing density prevents cross deformations of the chain accompanied by energy loss. The
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Catalytic site

Noncatalytic site

b

c

Noncatalytic site

Catalytic site

Fig. 4. Interaction between catalytic and noncatalytic sites in F1-ATPase. a) Amino acid sequence βTyr345-βArg356 (atoms of terminal amino
acid residues are shown as spheres). b) Amino acid sequences αSer344-αPhe357, αPro363-αArg373, and βTyr345-βArg356. The dashed line
represents Coulomb interactions and H-bonding. c) Scheme of interactions between F1 catalytic and noncatalytic sites (see Fig. 1, view from
above). Segments belonging to the β-subunits are shown as solid lines, and those of the α-subunits are represented by dashed lines. The subunits are designated according to [51]. (Adapted from [111]).

position of Y345 changes with changing hydrophobic
interactions with the purine part of ADP tightly bound at
a catalytic site; in turn, the lower binding level causes
enzyme transition from its inactive to active state. A similar effect can be produced by oxyanions that, according
to [81, 83], replace the γ-phosphate at a noncatalytic site.
Two other segments linking a noncatalytic site to the
neighboring catalytic site belong to the α-subunit. As
seen from Fig. 3, these are conserved too. One of them
begins with F357 near the ATP ribose ring at the noncatalytic site and ends with S344 close to the ATP γ-phosphate of the catalytic site (Fig. 4b). Substitution of cysteine for αF357 and its adjacent βR372 lessens dissociation ability of MgADP previously induced by ATP binding to the noncatalytic site, whereas disulfide bonddependent mobility limitation stops the dissociation
completely [117]. The αS344F mutation decreases catalytic activity of the enzyme many-fold [118]. A member

of this segment, αD347, is tightly bound to αR373,
βR189, and βE192 that belong to the catalytic site.
Residue αR373 is the terminal member of another segment that links the catalytic site with P363 located at the
noncatalytic site near ATP adenine. According to [119],
R373 is not immediately involved in the catalytic cycle
but responsible for cooperative functioning of the three
catalytic sites. The mentioned segments also incorporate
several amino acid residues the effect of which on properties of bacterial F1 has been studied using the point mutations technique, namely, αS347F, αG351D and αS373F,
and αS375F (E. coli F1 numbering) [67, 120, 121]. In
mitochondrial F1, their corresponding residues are S344
and G348 from one α-subunit segment and S370 and
S372 from the other (Fig. 3). It is of interest that in spite
of different positions and dissimilar nature of the
residues, their replacements gave similar results. All these
mutations, like R373 replacement, resulted in a changed
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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catalytic cooperativity with a minor effect on nucleotide
binding [117, 118]. The common feature of all these
mutations was that the substituted residue was much
smaller in size. The reported effects are in good agreement with the concept of conformational signal transduction that implies an increased difficulty in movement of
the polypeptide chain segment with an enlarged residue,
and hence, an altered position of its terminal residue relative to the closest nucleotide section.
As seen from Fig. 4c, the described segments form a
system of links between all catalytic and noncatalytic
sites. The proposed scheme explains recent results on the
possibility of cooperative, continuous functioning of F1ATPase catalytic sites either with a γ-subunit truncated
from both its termini or without it [31, 122-124].
Regardless of abundant information available at
present about properties of noncatalytic sites, some problems concerning their functional mechanisms are still to
be resolved. The structural changes causing their different
exposure upon transition from an isolated enzyme to the
membrane-integrated ATP synthase complex are so far
obscure. The mechanism of energy-dependent acceleration of nucleotide exchange at noncatalytic sites is not
known either. The hypothesis on existence and functions
of short conserved amino acid sequences linking catalytic
and noncatalytic sites requires further support. For a long
time, the extremely low rate of nucleotide exchange at
noncatalytic sites was thought to either eliminate them
from possession of any function or presupposed only a
structural role [70]. However, preservation of these sites
in the course of prolonged evolution propelled more thorough studies of their properties. The fact of many-fold
acceleration of the nucleotide exchange upon energization of chloroplast thylakoid membranes showed the
probability of their involvement in regulation of ATP synthase ATPase activity. Although unsupported experimentally for mitochondrial and bacterial membranes (mostly
owing to the lack of appropriate techniques), the high
similarity of the properties of F1-ATPase noncatalytic
sites suggests their analogous behavior irrespective of genesis. Experiments on thylakoid membranes showed that
the role of noncatalytic sites consists in regulation of the
efficiency of MgADP-dependent inactivation, because
this inactivation reaches its maximum upon ADP binding
at noncatalytic sites and damps sharply upon the
ATP–ADP exchange.
It is believed that the physiological sense of regulation of ATP synthase activity consists in prevention of
unproductive ATP hydrolysis in conditions of an insufficient transmembrane proton gradient. However, even in
the case of virtually complete inactivation, there is a
minor activity level, which varies in accordance with the
medium redox state, the ADP/ATP ratio, and the presence of endogenous stimulators of ATP hydrolysis.
Presumably, the physiological importance of regulation of
BIOCHEMISTRY (Moscow) Vol. 78 No. 13 2013
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the ATP synthase activity within this range consists in
maintaining a certain minor transmembrane potential
required for transport of ions, polypeptides, and/or
metabolites in the situation of insufficient supply of energy substrates (NADH, succinate, light).
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